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Abstract 
 

Dermatofibromas are benign skin growths that can occur at any site on the body and are 

characterised by increased levels of extracellular matrix (ECM) proteins. Most 

dermatofibromas are solitary and sporadic; a few are multiple and familial. Despite 

affecting ~3% of the population in the UK, the mechanisms that lead to these growths are 

currently unknown. Using exome sequencing, we have recently identified a novel 

heterozygous mutation (p.Thr231Met) in patients with autosomal dominant multiple 

familial dermatofibromas within RND3 that encodes for the GTPase protein RhoE. 

Mutations in RhoE protein have not been previously reported in any human disease. 

Moreover, the potential involvement of RhoE in the development of fibrosis has not been 

previously proposed. The aim of this study was to determine role of RhoE in controlling 

human dermal fibroblast growth and collagen synthesis and define whether RhoE may act 

as a key mechanosensing molecule to regulate fibroblast phenotype under homeostatic 

conditions. 

 

Data has revealed that loss of RhoE, or expression of RhoE T231M mutation results in 

increased adhesion of fibroblasts to ECM and this is coupled with increased activation of 

1 integrins that form the main link between the cell and matrix. Loss of RhoE also 

increases synthesis of Collagen XII and results in less organised ECM produced by these 

fibroblasts. We have shown that the enzyme PLOD2 that cross-links collagen is a novel 

binding partner for RhoE and the RhoE T231M mutation disrupts this complex. 

Mechanistically, PLOD2 depletion leads to reduced 1 integrin activity, reduced 

expression of Collagen XII and increased alignment of ECM proteins. Moreover, PLOD2 

depletion restored 1 integrin activity and ECM alignment in RhoE knockout cells, 

suggesting the RhoE-PLOD2 complex plays a key role in adhesion and ECM 

organisation. Finally, analysis of patient-derived tissues demonstrated increased levels of 

PLOD2 and reduced RhoE expression in the dermis in dermatofibroma samples compared 

to normal skin. Our data suggests that RhoE may play a role in controlling PLOD2 

function and may contribute to control of dermal homeostasis. Data arising from this 

study sheds new light on the role of RhoE in regulating dermal fibroblast function and 

offer potential insight into new mechanisms leading to fibrosis.  
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1.1 Dermis and extracellular matrix 
 

1.1.1 Overview of the skin 

 
Skin is the main barrier between the external environment and internal organs. Damage 

to the skin by either extrinsic or intrinsic factors can lead to different dermatological 

disorders. The epidermis – the uppermost layer of skin, consists of five layers: stratum 

basal is the deepest layer, followed by stratum spinosum, then the stratum granulosum, 

stratum lucidum, and stratum corneum is the outermost layer, where dead keratinocytes 

secrete antimicrobial peptide defensins (Figure 1.1). The epidermis is composed mostly 

of keratinocytes. The basal keratinocytes differentiate and migrate towards the external 

surface to provide the resilience against mechanical and chemical stress and provide a 

water barrier. The basal layer of the epidermis is attached to a basement membrane, which 

overlies the connective tissue layer known as the dermis. Its composition depends on age, 

sex and anatomical plane. The dermis consists of both cells and extracellular matrix 

(ECM) proteins, the latter of which serves as a critical scaffold and signalling cue to 

support cell health and homeostasis. Fibroblasts, macrophages, mast cells, T and B cells, 

blood vessels, lymphatics, and nerves are the common cellular components of the dermis 

[1]. The dermis consists of two layers: the papillary and reticular dermis. The upper layer 

is the papillary dermis that provides nutrients to the epidermis. This is a thin layer with 

loose connective tissue, with capillary loops and a sparse ECM structure with high cell 

density compared to the reticular dermis. The reticular dermis is composed of dense 

irregular connective tissue with blood vessels and highly concentrated thick col lagen 

fibres. It extends from a superficial vascular plexus, which serves as a boundary for the 

reticular and papillary dermis to a deeper vascular plexus on a boundary with hypodermis  

[1]. The hypodermis layer is below dermis and includes the adipose tissue and blood 

vessels. 

 

Dermal ECM is formed by diverse protein families involved in the structural integrity 

and several physiological functions such as collagens (mainly types I and III that make 

up 80% and 15% of dermal ECM proteins respectively), fibrin, fibronectin, 

proteoglycans, glycosaminoglycans, and matricellular proteins, can all play important 

roles in fibroblast survival, migration, and metabolism [2]. Changes to the ECM 
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composition, structure and stiffness can occur in a number of pathological conditions 

including wound healing, fibrosis and cancer [3]. 

 

 

Figure 1.1: Diagram of healthy skin composition. 

The structure of healthy skin is composed of epidermis, dermis, and adipose tissue (on 

the left). The epidermis consists of five layers stratum basal, stratum spinosum, the 

stratum granulosum, stratum lucidum, and stratum corneum (top right). The dermis 

consists of both ECM proteins, such as collagen and elastin, and cells, mainly fibroblasts 

(bottom right). Taken from [2]. 

 

Fibroblasts are the most abundant cell type in the dermis  [3]. A characteristic feature of 

these cells is the ability to synthesise and remodel ECM. Remodelling is supported by the 

synthesis of the cleaving metalloproteinases and their inhibitors. The ability to synthesise 

Collagen I is the main and unifying typical feature of fibroblasts [4]. Several fibroblast 

types have been identified in human skin depends on their location within the dermis [4]. 

The subpopulation of fibroblasts that localises at the border of deep dermis and 

hypodermis, dermo-hypodermal junction fibroblasts, have a high tendency to 

differentiate into a mesodermal cell and show lower contractility compared to 

intermediate reticular dermis and superficial papillary dermis fibroblasts. They also show 

different Tenascin C distributions compared to the reticular dermis fibroblasts. 

Intermediate reticular dermis fibroblasts expressed desmin and α-smooth muscle actin 

(SMA) [4]. Papillary fibroblasts are more spindle-shaped and express higher levels of 

Collagen VI and decorin. Fibroblast identity in the skin is thought to be of relevance both 

during development but also in tissue repair and regeneration pathways where each 

subtype may play a different role [5]. 
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1.1.2 Fibrosis and common fibrotic skin diseases  
 

Fibrosis is characterised by the growth of connective tissue with the appearance of 

changes caused by chronic inflammation or dysregulated repair of tissues usually 

characterised the abundant ECM proteins accumulation. Fibrosis can affect any organ and 

cause about half of all deaths in the industrialised world. Skin fibrosis, however, usually 

is a minor esthetical problem and only in rare cases can lead to severe pathological 

conditions, such as keloids or hypertrophic scars, and systemic scleros is. Fibrous tissue 

replacement leads to a gradual loss of their specific functions and dysfunction of the 

affected organ, including scleroderma and systemic sclerosis [3–5]. 

 

The main feature of fibrosis is excessive accumulation of ECM proteins. I t is thought that 

in early fibrosis, it is characterised by the accumulation of fibrin, fibrinogen, and 

fibronectin, that promote the fibril formation and of Collagens I and III that lead to 

replacement fibrosis and permanent scarring [7, 8]. Non-fibrillar collagens, such as 

Collagen XII and XIV, as well as cross-linking enzymes are responsible for overall 

organisation [7, 8]. However, the changes in ECM composition depend on the type of 

fibrosis, particularly the tissue types and chemical and mechanical cues. For example, the 

excessive ECM accumulation during systemic sclerosis associated with collagen turnover 

failure of Collagen III and Collagen VI and thus the increased expression of them [11]. 

In hypertrophic scar tissue and keloids the levels of Collagen I and III, Periostin and 

Tenascin are raised, however hyaluronic acid expression is decreased [12]. Cartilage-like 

keloid tissue is characterised enlarged expression of non-fibrillar Collagens XII, XIV and 

XVI [13]. Interestingly, fibrillar Collagen II expression, that is mostly associated with 

cartilages and bones, also was higher, whereas Collagen I and III was not altered[13]. 

The classification, structure and the role of ECM components will be discussed more 

detailed in the section 1.2, ECM composition.  

 

Mechanical forces are also known to play a critical role in fibrosis. The most appreciated 

regulated mechanism is matrix stiffness which can be driven by cytokines by increasing 

hydrostatic pressure and ECM synthesis and remodelling [14]. It has been suggested that 
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directional migration of different cell types including fibroblasts from softer to stiffer 

regions of the ECM is a key factor of fibrosis [15]. Such an increase in tissue stiffness at 

the fibrotic lesion is often accompanied by altered ECM composition, which can further 

facilitate directed cell migration [16]. Cells on stiffer ECM migrate quicker and more 

efficiently. Migration and cell-ECM attachment requires integrin-based focal adhesions 

[15, 16]. High levels of pulling forces from cells triggered by stiffer ECM leads to more 

aligned collagen fibres for effective cell migration [19]. For example, it has been shown 

that the matrix has a supra aligned organisation, increased stiffness and thinner fibres  in 

keloids [9, F. Kenny et. al. unpublished, presented BSID]. It was also shown that actin 

stress fibre organisation was more aligned in CDMs that are from keloids and could 

remodel a less aligned matrix into a supra-aligned matrix in vitro suggesting that ECM 

organisation is cell-driven [F. Kenny et. al. unpublished]. It also was suggested that a 

stiffer matrix leads to more organised collagen [19].  

 

1.1.3 Dermatofibromas 

 
One example of skin fibrosis is dermatofibroma (DF). DFs are common, benign fibrotic 

tumours that appear within the dermis. They have been reported to occur in people of 

several ethnicities, mostly adults and are more common in women and in people with a 

compromised immune system [21]. DFs are more common in middle-aged adults, mostly 

females and almost never appear in children or infants [21]. They are different in colours 

(pink, red, tan, or flesh-coloured), sizes (0.5 to 1.5 cm) or forms and may occur singly or 

in multiple sites of the body.  

They present as fibrotic lumps in the skin, grow to a certain size and compress 

surrounding tissue (Figure 1.2). DFs are itchy, can cause irritation, and can be painful 

and unsightly for patients and the only way to remove them is through surgical resection, 

but they often recur if this is incomplete. Despite affecting ~3% of the population in the 

UK, the underlying molecular mechanisms of DF is not known. Sporadic DFs seem to 

develop after minor injuries such as an insect bite or injury. However, multiple DFs have 

been reported to develop in patients with HIV, autoimmune conditions or chromosomal 

abnormalities [22]. 

DF was reported to be a clonal disease that is favouring a neoplastic formation [23]. It 

has been detected using the analysis of the polymorphic X-chromosome linked androgen-

receptor gene methylation that in some of DF is a decrease of the allele level expression 
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compared with normal tissue. It also was suggested that histiocytoid cells constitute the 

neoplastic component [24].    

 

 
 

Figure 1.2: Variability of dermatofibromas. 

(A) Classical dermatofibroma with the white central scar-like patch and brown network 

on periphery. (B) Seborrheic keratosis-like pattern of dermatofibroma with comedo-like 

openings. (C) Early stage of dermatofibroma with vascular radial structure. (D) Pattern 

of dermatofibroma with scales, ridges and dotted vessels. Taken from [25] 

 

There are various types of DF detected. The common type of DF is a non-capsulated, 

indistinct dermal lesion that consists of interlinked clusters of spindled cells within a 

loose collagenous and there are also could be found individual collagen bundles 

surrounded by lesional cells. It is usually formed within dermis but some of common DF 

can extend into subcutis, most of them have acanthosis and the epidermis is more often 

with hyperkeratosis in this variant of DF [21]. Atrophic type was reported to be an end-

stage of the common DF. The key representative feature of this type is dermal atrophy. 

Atrophic DF has dense elastic fibres organisation that deteriorates blood circulation [21]. 

Deep DF is also similar to common DF but affects the deep subcutis or soft tissues. Unlike 

cutaneous DF, these lesions are often positive for a transmembrane glycoprotein CD34. 

Cellular DF is another variant of DF that represents less than 5% of cutaneous DF [26]. 
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Cellular DF can more often recur after surgical resection and has been reported to be able 

to metastasise. This variant of DF is highly cellular with a more notable fibre -bundle 

growth pattern. Lesional cells are very infiltrative and extend into the subcutis. The 

epidermis in cellular DF is also often with hyperkeratosis and hyperpigmentation of the 

basal cell layer and all of them have acanthosis in this variant of DF. 

Immunohistochemical staining showed the SMA and calponin positivity and the factor 

XIIIa appeared in non-neoplastic cells in the background [20, 21]. However, 

immunohistochemical staining showed the absence of CD34, which can be demonstrated 

in dermatofibrosarcoma protuberans [26], a rare type of skin cancer when spindle cell 

lesion involving both dermis and subcutis. Keloidal DF was also described by the absence 

of CD34 and factor XIIIa [28]. They present as small brown papules and usually do not 

recur after the resection. In addition, atypical, epithelioid, granular cell, lipidized  and 

myxoid variants of DF have been reported [19, 22, 23]. 

 

1.2 ECM composition 
 

1.2.1 Collagens   

 
Collagens are the most abundant structural components of the ECM. Twenty-nine 

different types of collagens have been identified in humans. Collagen is a complex 

supramolecular structure, and many family members comprise of a parallel triple-helical 

conformation coiled around each other. These subunit polypeptides can consist either of 

identical homotrimers or genetically different polypeptides in heterotrimeric molecules. 

A typical feature of collagens is a repeating Gly-X-Y sequence. There are many collagen 

types, and they have different structures and functions, and have been classified in several 

groups: 

Group 1. Includes fibril forming collagens, such as Collagen I, III, V XI, XXIV, and 

XXVII.  

Group 2. Network-forming molecules of Collagen type IV and XXVIII. They adhere to 

the fibrillar collagens. The function of these molecules is not yet known.  

Group 3. Short chain independent fibre collagens such as VI, VIII, and X types. These 

collagens are also network-forming molecules, known to present in the basement 

membrane in the form of beaded filaments or anchoring fibrils.  
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Group 4. Fibril­ associated collagens with interrupted triple-helical Gly–X–Y stretches 

(FACIT collagens). This includes collagen types IX, XII, XIV, XVI, and types XIX to 

XXII. These collagens associate with other collagen fibrils and act as structural and 

functional support. 

Group 5. Transmembrane collagens, also known as membrane-associated collagens with 

interrupted triple-helices (MACIT collagens). Collagens type XIII, XVII, XXIII and 

XXV within this group function as both cell surface receptors and matrix molecules.  

Group 6. Endostatin precursor collagen types XV and XVIII have carboxyl-terminal 

domains and these fragments can be cleaved to produce antiangiogenic peptides. Both 

collagens are proteoglycan core proteins [24, 25].  

Group 7. Collagens XXVI and XXVIII are not associated with any of the above categor ies 

and their functions remain relatively poorly understood.   

As this thesis mainly explores levels and organisation of 3 Specific collagens: I, IV and 

XII these subtypes are described in more detail below.  

 

1.2.2 Collagen I 

 
Collagen I is the most abundant fibrillar protein that constitutes up to 30% of the total 

protein mass of bones and skin. Collagen I is composed of two αl chains and one α2 chain 

or more rarely three αl chains. Collagen from the rough endoplasmic reticulum fold into 

peptides, followed by assembly in triple helix, that is translocated to the ECM via Golgi 

network in soluble form that later are assembled in fibrils of mature collagen. Collagen I 

assembly and cross-linking play a key role in skin function to resist mechanical stress by 

increasing tensile strength. Collagen fibres become thicker in deeper layers of the dermis, 

confirming that fibroblasts in the dermis have different functions in ECM organisation 

and synthesis according to their types [33]. Moreover, these collagen fibres link epidermis 

with hypodermis in two directions to maintain the resistance of skin [34]. Collagen I is 

also involved in skin ageing. Furthermore, Collagen I organisation is more aligned with 

chronological ageing in different depths of the dermis [28, 29]. The integrity of the 

collagen structure also plays an important role in skin function.   

 

Collagen I is one of the key regulators of ECM signalling and can increase fibroblast 

migration, collagen production and assembly, contraction and differentiation into 

myofibroblasts, whereas the myofibroblasts are responsible for contractile reorganisation 
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of Collagen I fibres [37]. Mutations in Collagen I lead to various skin pathologic 

conditions causing its fragility. Mutations of Collagen I α1 chain in between Gly775 and 

Ile776 prevent its cleavage. It has been shown that mice with the mutation in this region 

developed fibrosis of the dermis similar to that in human scleroderma [38]. Mutations in 

α2 chain of Collagen I, leading to the absence of α2 chains can lead to rare form of Ehlers-

Danlos syndrome with hypermobility and hyper extensive skin [39]. These mutations are 

caused by rapid degradation of the patient's COL1A2 mRNA as a result of a nonsense-

mediated RNA decay leading to a loss of function effect [39]. Furthermore, Collagen I 

gene expression was increased in fibroblasts from systemic sclerosis biopsies [40]. 

Transforming growth factor-beta (TGF-β) is known to induce collagen I synthesis both 

in vivo and in vitro, and increased expression or activation of TGF-β can lead to different 

hepatic fibrosis and renal fibrosis [34, 35]. Furthermore, TGF-β was shown to increase 

type I collagen and Fibronectin protein and gene expression together with SMA in 

fibroblasts and promote mechanisms of skin fibrosis in systemic sclerosis [43].  

 

1.2.3 Collagen VI  

 
Collagen type VI is a microfibrillar collagen. It is formed of three α1, α2 and α3 chains 

encoded by three independent genes. Moreover, recently new three α chains α4, α5, and 

α6 were identified to form a similar molecular structure as α3 [44]. Mutations in 

Collagen VI have been found to be involved in various types of myopathies such as 

Ullrich congenital muscular dystrophy and Bethlem myopathy and skin abnormalities 

such as keloid scars and follicular hyperkeratosis [37–39]. Collagen VI has been 

suggested to be an early sensor of the injury/repair response and regulate fibrogenesis . 

Collagen VI expression is significantly increased during wound healing suggesting a role 

in both the organisation and composition of newly formed ECM [47, 48]. Lack of 

Collagen VI in mice results in more aligned, thicker, and widely spaced fibres [47]. 

Moreover, matrix that was produced by Collagen VI depleted fibroblasts contained less 

total collagen, particularly Collagen I, and other ECM components such as Tenascin-C, 

vitronectin, versican and decorin, that are involved in regulating ECM integrity [47]. 

Thus, it was proposed that Collagen VI regulates the fibrillogenesis by reducing 

alignment of the ECM, making its less aligned which can play an important role in tissue 

repair and fibrosis. Collagen VI turnover is increased in systemic sclerosis patients but is 

thought to control vascularisation in this context [11]. Collagen VI interacts with several 
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proteoglycans, such as decorin or biglycan [49] These proteoglycans compete for binding 

to Collagen VI and thereby regulate its modification of supramolecular assemblies. 

  

1.2.4 Collagen XII  

 
Collagen XII is a member of the FACIT group of collagen proteins. It has two short 

collagenous domains COL1 and COL2 along with non-collagenous NC1, NC2, and NC3 

domains. Collagen XII is known to interact with Collagen I via its collagenous domain, 

while its large non-collagenous arms bind to decorin, cartilage oligomeric matrix protein, 

fibromodulin, or Tenascin-X (Figure 1.3) [50]. TGF-β signalling has been suggested to 

regulate a formation of a transient collagenous network by Collagen I and Collagen XII 

[51]. The retention of Collagen XII in fibroblasts and loss of extracellular Collagen XII 

deposition result in decreased muscle and bone strength and reduced skin elasticity in 

mice [52]. The same effect was shown on patients with clinical phenotype in myopathy 

and Ehlers–Danlos syndrome with missense mutations in Collagen XII. These mutations 

prevent Collagen XII to assembly in the stable ECM, however the transcription levels 

were not altered, lead to lax skin, joint hyperlaxity, weakness and delays in motor 

development [42, 44, 45]. Only one mutation was affected glycine residue of the triple 

helical Gly-X-Y motif, other changes remain to be investigated. The loss of Collagen XII 

in the ECM was shown to reduce the ability for binding growth factors such as TGF-β 

that leads to extensive differentiation [42]. Furthermore, patients with these mutations 

present with soft skin and muscle weakness and a reduction of extracellular decorin and 

Tenascin-X compared to controls [53]. Loss of Collagen XII also alters the tenocyte 

organisation and cell-cell interactions, which result in reduced mechanical stiffness [54]. 

The same can be seen in osteoblasts that the deficiency of Collagen XII leads to a 

reduction in cell-cell interactions and cell polarity and thus tissue stiffness [55]. Collagen 

XII-deficient mice also show delays in wound healing in skin due to changes in ECM 

organisation, such as more heterogeneously sized fibrils, reduction of TGF-β, and 

decrease of M1 macrophages that are responsible for an inflammatory state of wounds 

[52]. 
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Figure 1.3: Structure of ECM proteins that observed in this thesis.  

Collagen I is a fibrillar collagen that is a substrate for other non-fibrillar collagens such 

as Collagen XII. Collagen XII binds to Collagen I via its collagenous domain, whilst its 

non-collagenous domain binds to glycoproteins such as Tenascin-X. Fibronectin links 

cell with matrix through integrins. Collagen VI and Fibronectin also bind to Collagen I. 

Taken from. [53]. 

 

 

1.2.5 Fibronectin 

 
Fibronectin (FN) is a large glycoprotein with variable molecular conformations and splice 

variants that is responsible for cell-matrix adhesion, migration, proliferation, and 

apoptosis during fundamental events such as embryogenesis, wound healing and fibrosis 

[47–50]. There are two known types of Fibronectin; plasma fibronectin is a soluble form 

that is particularly important for wound healing [52, 53]. It forms the provisional matrix 

with fibrin which later is used for stable ECM development. During ECM assembly, 

temporary plasma fibronectin is replaced with cellular fibronectin, that is produced by 

fibroblasts. The Fibronectin fibrillogenesis is important mechanism and mis regulation of 

which can lead to fibrosis. Interactions between Fibronectin and other ECM proteins/cells 
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occur through different regulatory sites within the molecule including the matrix 

assembly attachment domain, proline-histidine-serine-arginine-asparagine (PHSRN) 

synergy site or Arg-Gly-Asp sequence (RGD binding domain) [54, 55].  

 

The fibronectin molecule consists of three types of repeating subunits and depending on 

its conformation and splice variants, Fibronectin contains several sequences to bind cells 

via their integrins, or ECM components, such as collagen, heparin, matrix 

metalloproteinases (MMPs), or growth factors. Fibronectin contains binding domains to 

control the cell behaviour by binding these various proteins [56, 57]. Mutations of FN1 

can lead to the spondyloepiphyseal dysplasia and glomerulopathy - a progressive kidney 

disease that can lead to fibrosis [58, 59]. It is thought that Fibronectin provides the initial 

matrix as a scaffold for further deposition by Collagen I during wound healing [60, 61]. 

Collagen I protects the Fibronectin matrix from microenvironmental forces [62, 63]. 

Fibronectin fibres are continuously reorganised and remodelled. Fibronectin endocytosis 

mediated by β1 integrins and low-density lipoprotein receptor-related protein (LRP) help 

maintain constant turnover [72]. It has been shown that endocytosis of fibrillar 

Fibronectin is slower endocytosis of soluble Fibronectin [72]. Moreover, FN is known to 

undergo to intracellular lysosomal degradation [73]. It has also been demonstrated that 

expression of vitronectin inhibits Fibronectin-dependent matrix assembly, whereas 

depletion of Collagen VI results in Fibronectin fibres aligned to the long axis of the cell 

and prevents more complex Fibronectin-matrix formation [74]. Tenascin-C can also play 

an important role in regulating Fibronectin-matrix assembly during ECM synthesis [75]. 

It has been shown that Fibronectin type III domains of Tenascin-C can interact with 

fibronectin and therefore inhibit its assembly. However, the Tenascin-C does not affect 

the Fibronectin fibrillogenesis. Fibronectin fibrillogenesis is activated via forces that are 

generated by actin cytoskeleton and relayed through cell membrane via integrin receptors 

[76]. Fibronectin is known to bind α5β1 integrins via RGD binding site and the synergy 

site, whereas αvβ3 integrins interact via RGD binding sites and matrix assembly 

attachment domain in the amino terminus [69, 70]. α9β1, α4β1, α4β7, β3, and β5 integrins 

can also bind to Fibronectin [59]. 
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1.2.6 Signals promoting fibroblast ECM synthesis 

 
Fibroblasts have a key role in the ECM synthesis, the disruption of which can lead to 

different pathologies. Fibroblasts respond to the extracellular environment through 

recognition of matrix protein composition, density and stiffness, as well as chemical cues 

such as growth factors and cytokines (Figure 1.4). These factors lead to fibroblast 

signalling to control homeostasis; dysregulation of this can promote fibroblast to 

myofibroblast transition and a sustained release of these can increase accumulation of 

ECM and lead to fibrosis (Figure 1.4). During response to injury or local 

insult/inflammation, fibroblasts are recruited and transition of these cells into 

myofibroblasts can induce ECM contraction. Protease-activated receptor (PAR-1) is 

known to activate a pro-fibrotic activity of fibroblasts resulting in disease including 

idiopathic pulmonary fibrosis and systemic sclerosis [79]. These effects have been shown 

to be mediated by monocytes via increased levels of chemoattractant protein-1 (MCP-1), 

TGF-β1, and connective tissue growth factor (CTGF). The levels of cytokine IL-6 were 

also increased in PAR-1 deficient mice, however these changes occurred via a PAR-1-

independent pathway [79]. 

 

CTGF stimulates collagen synthesis and fibroblast proliferation [5]. CTGF is a cysteine -

rich peptide that exhibits biological and immunological activities of a platelet-derived 

growth factor (PDGF) [6]. In response to the injury it is translocated by blood circulating 

and is also produced by local fibroblasts. There are four isoforms of PDGF which form 

dimers to activate two structurally related tyrosine kinase receptors leading to fibroblast 

proliferation and actin filament reorganisation that induces a transformation into 

myofibroblasts. PDGF also increases ECM production and inhibits myofibroblast 

apoptosis [7]. PDGF activity contributes to pulmonary fibrosis, hepatic fibrosis, renal 

fibrosis, and scleroderma [8]. PDGF has been shown to upregulate TGF-β receptors in 

scleroderma fibroblasts [7], and its multiple effects are magnified in hypertrophic scars 

and keloid fibroblasts [9]. Recent research demonstrated that blocking PDGF action with 

tyrosine kinase inhibitors diminishes lung inflammation, granuloma formation, and 

fibrosis [10].  

 

Cytokines produced by both immune cells and fibroblasts within the skin such as 

interleukins IL-1, IL-6, IL-13 and IL-33 and growth factors are released into the 
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extracellular space and can influence fibroblast behaviour (Figure 1.4), which can act in 

an autocrine fashion to stimulate production of collagen and Fibronectin [80]. These 

cytokines can also promote fibroblast to myofibroblast transition via activating TGF- 

and SMAD3 signalling pathway and a sustained release increases the accumulation of 

ECM and can lead to fibrosis [81, 82]. Chemokines also increase the fibrotic response 

[73, 74] through promoting migration of macrophages, resident immune cells and non-

resident immune cells. 

 

 

Figure 1.4: Profibrotic factors acting on fibroblasts to lead to fibrosis.  

The profibrotic diagram shows a response to the several etiologies that result in injury 

and cause an immune response. The injury induces coagulation response via plateled 

activation or thrombin. The immunity results in activating growth factors, chemokines or 

cytokines. Both of these responses induce activation of fibroblasts and transition to 

myofibroblasts. Taken from [85]. 
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1.2.7 ECM Degradation  
 

ECM degradation is another important way to control tissue homeostasis and remodelling. 

ECM is degraded by proteinases such as MMPs and a disintegrin and metalloproteinase 

with thrombospondin motifs (ADAMTs). MMPs are the best-known zinc-dependent 

proteolytic enzymes that are responsible for ECM degradation, they can also regulate the 

activity of membrane receptors and post receptor signalling mechanisms. There are at 

least 23 types of several MMPs have been identified in human body to date [86]. MMPs 

consist of three basic domains, however, there are some variations. For example, MMP-

2 and MMP-9 contain fibronectin type II repeats in their catalytic domain and thus interact 

with collagens [87]. There are several groups of MMPs according to their functions and 

localisation. One of this groups is interstitial collagenases, consisting of MMP-1, MMP-

8, and MMP-13. MMP-1 was shown to cleave Fibronectin and Collagen I [74, 75]. It is 

regulated via binding of α2β1 integrin to type I collagen that induces MMP1 expression 

[90]. Furthermore, membrane-bound type of MMPs (MT-MMPs) are also known to target 

collagens and Fibronectin. β1 integrin clustering can induce polarisation of membrane 

type 1 MT1-MMP to promote local ECM degradation [91]. It has been shown that MMPs 

have distinct roles during fibrosis. For instance, loss of MMP-2 in mice increases the 

expression of Collagen I, SMA, and TGF-β1 and promotes liver fibrosis [92]. MMP-3 

null mice also were shown anti-fibrotic activity and a reduction in bleomycin-induced 

pulmonary fibrosis [92]. 

 

 

1.2.8 Collagen cross-linking enzymes  

 
There are two main groups of collagen cross-linking molecules. The first group are those 

within the lysyl oxidase-related enzyme family and includes LOXL, PLOD proteins. The 

second group are characterised by non-enzymatic molecules that modify collagens 

through glycation of lysine and hydroxylysine residues, often known as Advanced 

Glycation End-products (AGEs) [93]. This thesis focuses those within the on enzymatic 

group, which are further described below.  

 

Lysyl oxidase (LOX) is a family of extracellular amine oxidases, that consist of LOX and 

four lysyl oxidase-like proteins (LOXL, LOXL2, LOXL3, LOXL4). These proteins have 
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conserved a lysyl-tyrosyl-quinone cofactor and a copper-binding domains that are 

responsible for their enzymatic activity [94]. They play important roles in post-

translational modifications of collagens and elastin through induction of covalent cross-

linking of fibres [95]. Moreover, they regulate collagen fibril shape and stability as well 

as contributing to elastin function [96], LOXs have been recognised as key regulators in 

fibrogenesis resulting in different cardiac, liver or kidney fibrosis and idiopathic 

pulmonary fibrosis and especially in skin pathologies [84–87]. LOX and LOXL is shown 

to directly interact with Collagen I, elastin and Fibronectin to control ECM cross-linking 

[82, 89]. LOX-mediated Collagen I cross-linking results in increased Collagen I 

expression during development and upregulation of levels of activity can lead to fibrosis. 

Indeed, LOX promotes ECM production through upregulation of IL-6 and activation of 

the transcription factor c-Fos which can contribute to systemic sclerosis and idiopathic 

pulmonary fibrosis [102]. Increased stiffness of ECM can induce LOXL2 expression and 

this leads to increased Fibronectin production and matrix metalloproteinases MMP-9 

(also known as collagenase type VI and gelatinase) expression mediated by an 

α5β1integrin-dependent / signalling pathway [103]. LOXL3 is also known to directly 

oxidise Fibronectin, and, therefore, increase integrin signalling and matrix synthesis at 

the myotendinous junction [104]. Enhanced LOXL4 expression was shown to increase 

the stromal rigidity and collagen cross-linking leading to systemic sclerosis in fibroblasts. 

LOXL4, indeed, mediated by TGF-β was shown to mis-regulate cross-linking of collagen 

resulting in profibrotic phenotype [105].  

  

Procollagen-lysine, 2-oxoglutarate 5-dioxygenase (PLOD) is a family of enzymes that are 

known to catalyse hydroxylation of lysine intracellularly before collagen is secreted. 

LOX then binds to hydroxylysine residues in the collagen fibres outside of the cell and 

induces cross-link formation, thereby regulating ECM stiffening and fibre alignment 

[106]. There are three genes PLOD1, PLOD2, and PLOD3 that encode three lysyl 

hydroxylases LH1, LH2, and LH3 respectively. The structure of PLODs are highly 

homologous [107]. Mutations in PLOD family proteins have been identified in some 

diseases. PLODs contain 19 exons. Mutations in PLOD1, for example duplication of exon 

10-16, multiple missense mutations p.Arg319Ter, p.Ile454IlefsX2, p.Arg319Ter, 

p.Ala667Thr, and p.His706Arg, etc., are associated with Ehlers-Danlos syndrome or 

Becker muscular dystrophy [94–98]. The missense p.Ala99Thr mutation resulted in 

increase in the hydroxy-lysyl-pyridinoline and can lead to bone mass loss and 
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osteoporosis [108]. Moreover, many missense mutations were described in PLOD2, most 

of them in exon 17, resulting in  reduced PLOD2 hydroxylation activity [112]. It was 

shown that the supressed activity of PLOD2 results in decrease of Collagen  I fibril 

formation and cross-linking in human and zebrafish, leading to several pathologies 

including Bruck syndrome and systemic sclerosis [100–102]. A reduction of PLOD3 has 

been seen in patients with dystrophic epidermolysis bullosa – rare genetic skin disease, 

described with extremely fragile skin resulting in blisters and injuries, and lead to 

pulmonary fibrosis and connective tissue disorders [104, 105]. PLOD3 deficient cells and 

embryos demonstrated reduced glycosylation of hydroxylysines on Collagen IV, and 

Collagen VI with abnormal distribution [118]. Therefore, further understanding of 

PLODs regulation may help to identify new targets to treat collagen-related diseases. 

 

1.2.9 PLOD2  

 
PLOD2 is a homodimeric enzyme that is responsible for hydroxylation lysyl residues on 

fibrillar collagen telopeptides - cross-linking sites that form the hydroxylysine pathway 

and produce mature lysylpyridinoline bridges in extracellular collagen fibrils  - whilst 

PLOD1 and PLOD3 hydroxylate on the triple helix. It has two tissue specific distinct 

isoforms with the alternative splicing in exon 13 [119]. PLOD2 is thought to be a fibrotic 

marker. It has been reported that the levels of pyridinoline, that are important to make 

stable Collagen I in skin pathologies, correlates with PLOD2 activity and thus Collagen 

I cross-linking and that increased levels of PLOD2 occur in systemic sclerosis or 

cutaneous parasitic lesions [115]. Moreover, PLOD2 gene expression levels are increased 

in fibroblasts derived from patients with fibrotic disorders such as Dupuytren's disease 

and Peyronie's disease [120]. It was also shown that PLOD2 can glycosylate 

hydroxylysines on Collagen VI instead of PLOD3 and rescue the abnormal irregular 

distribution of collagen fibres in mice [118]. Peptides of Collagen XII are also able to 

bind to PLOD2 and the net charge of the Collagen XII peptides promotes this interaction 

[121]. 

 

Recently it has been shown that PLOD2 can also play a role in stability of 1 integrins 

that are key cell-ECM adhesion receptors. Loss of PLOD2 resulted in suppression of 

filopodia formation and reduction of total integrin β1 protein levels; PLOD1 and PLOD3 

loss did not impact on these phenotypes [122]. Moreover, β1 integrin interacts with 
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PLOD2 as well as PLOD2 lacking its catalytic domain. β1 integr ins are directly activated 

by hydroxylation of PLOD2 which plays an important role in the maturation of integrins  

[122]. In general, this action of PLOD2 on integrins leads to enhanced migration and cell 

invasion and the depletion of PLOD2 abolished these effects [122]. The hypoxia inducible 

factor HIF pathway has been shown to be a key inducer of PLOD2 and LOXL2 expression 

in lung and pulmonary fibrosis [68, 69]. HIF signalling activation results in 

downregulation of post-translational modification of fibrillar collagen and escalating 

tissue stiffness [123]. TGF-β signalling is known to play an important role in regulating 

PLOD2 expression and increased fibrillar collagen synthesis [110, 112]. SMAD3 is a 

downstream target of TGF-β signalling that translocates histone modifying enzymes to 

the PLOD2 promoter region and this induces PLOD2 transcription [125]. Indeed, TGF-

β1 was shown to induce SP1- and SMAD3- dependent translocation of histone H3 and 

H4 acetylation at the PLOD2 promoter and increasing the active histone mark H3K79me2 

and reducing the repressive H4K20me3 mark. 

 

 

 

1.3 Cell-ECM adhesion 
 

1.3.1 Focal adhesions 

 
Cell-matrix adhesion is the interaction between the surface of the cell and the 

extracellular matrix, which in fibroblasts is mediated by multimolecular adhesion 

complexes called focal adhesions. Focal adhesions are cell membrane-associated 

integrin-containing structures that interact with the surrounding ECM through integrin 

receptors (Figure 1.5) [126]. Integrins connect the membrane through adaptor proteins to 

the actin cytoskeleton in response to chemical and mechanical signal generation (Figur e 

1.5). The first layer of signal transduction from integrins consists of scaffold proteins 

such as focal adhesion kinase (FAK) and Paxillin. They are able bind to both talin – the 

main activator of integrins - and vinculin, that is able to anchor α-actinin and actin, in the 

force transduction level. However, this binding occurs independently of force. The next 

level is the actin regulatory layer and it consists of VASP, α-actinin and zyxin, that can 

regulate connections to F-actin stress fibres. These signals lead to changes in a range of 
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phenotypic endpoints through downstream signalling including cell migration, 

proliferation and shape. 

 

 

Figure 1.5: Diagram of FA molecular architecture 

A model of FA in cells generated using super-resolution (iPALM) microscopy analysis. 

The scheme shows the layers of protein-protein interaction that regulate FA assembly. 

Taken from [127]. 

 

Focal adhesions are highly dynamic, and undergo cycles of formation, clustering, growth, 

maturation and disassembly. A very stable, mature form of focal adhesions are known as 

fibrillar adhesions [128]. Fibrillar adhesions mature from focal adhesions while they are 

translocating from the periphery to its centre along the Fibronectin fibre and are 

associated with sites of highly clustered 51 integrin-Fibronectin binding and tensin-

mediated scaffolding to the F-actin cytoskeleton [129]. While both focal adhesions and 

fibrillar adhesions respond to mechanical cues, fibrillar adhesions were shown to 

reorganise the ECM in response to changing physical conditions [130]. In contrast to 

focal adhesions that show the high levels of vinculin, talin and paxillin, fibrillar adhesions 

are associated with actin cables and high levels of tension with no vinculin detected [131]. 

 

 

1.3.2 Integrins  

 
Integrins are transmembrane ECM receptors that couple external cues to actin 

cytoskeleton through focal adhesions. Integrins consist of a ~70A globular head attached 
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to a ~100A stalk, then two helices spanning membrane, and, finally, followed by a short 

cytoplasmic tail (Figure 1.6) [132]. α and β subunits pair together to form heterodimers, 

however, some subunits can pair with multiple others (Figure 1.7). As shown in Figure 

1.7 not all cells express all integrin heterodimers: rather cell types express a specific array 

of integrins that dictate which ECM proteins they are able to bind to in a context and 

tissue-specific manner.  

 

Integrins undergo conformational changes when active to enable ECM binding and 

adhesion strengthening that is shown in Figure 1.6 [133]. Conformational changes can be 

caused by binding of activators to the cytoplasmic tail during ‘inside-out’ signalling or 

extracellular ligand binding or by mechanical forces during ‘outside-in’ signalling. When 

these heterodimers in an active stage, the ‘head’ is in an open position for binding, 

otherwise, they are closed (Figure 1.6). An intermediate position is also possible, 

however, it may weaken the ligand interactions and as well as the binding disruption can 

lead to cellular dysfunction and pathological conditions [134]. α1β1 and α2β1 integrins 

are Collagen I receptors and α5β1 is the main Fibronectin receptor in fibroblasts (Figure 

1.7). As was mentioned before, integrin activation also promotes the FAK and Src 

activation that signals to Rho GTPases, such as RhoA or Rac1 and Cdc42 resulting in 

actin cytoskeleton rearrangements and cell migration in fibroblasts [135]. 
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Figure 1.6: Inside-out integrin activation. 

Bent integrins and their cytoplasmic tails are closed when integrins are inactive. Talin 

induces firstly extended closed and then extended opened conformations of integrins. 

Kindlin cooperates with talin and binds to the cytoplasmic tail of  integrin and 

contributes to its extended-open conformation and integrin clustering. Taken from [136]. 
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Figure 1.7: Integrin receptors and their ligands for ECM proteins.  

The nine groups of heterodimers according to their ligands and cell types where they can 

be expressed. Subunits in circle classify integrins that bind to ECM via α-I domain. Taken 

from [137]. 

 

 

1.3.3 Integrin binding proteins controlling receptor activation 

 
Talin and kindlin family proteins bind to integrin cytoplasmic domains and trigger inside-

out activation of integrins by actomyosin activation and integrin clustering. Talin can 

bind directly to both integrin cytoplasmic tail and to F-actin and other focal adhesion 

signalling proteins including vinculin, leading to recruitment of additional focal adhesion 

proteins such as FAK, paxillin and Src (Figure 1.5). Outside-in signals are driven by 

direct binding to the ECM, that change the integrin conformation and effects on 

intramolecular tension across talin and between vinculin and F-actin. Kindlin is a FERM 

domain-containing protein, that is known to synergistically increase the talin-dependent 

integrin activation. The kindlin family consists of 3 members: Kindlin-1, Kindlin-2 and 

Kindlin-3. They are tissue-specific and only Kindlin-2 is expressed in fibroblasts. Kindlin 

was shown to recruit IPP complex (ILK, Parvin, and PINCH), paxillin, and the Arp2/3 to 
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the integrins to activate PAK/Scr signalling and promote cell spreading [136]. It was also 

shown that Kindlin-2 can directly bind to F-actin [138]. Kindlin-2 binds to 1, 3, 5 and 

2 subunits of integrins.  

 

Filamin A (FLNA) is an F-actin-binding protein, that cross-links actin filaments in 

mechanosensing response and is known to compete with talin for binding to integrin 

cytoplasmic tails and suppress their activation [42, 43]. Filamin A interacts with a number 

of  integrin subunit [137]. Depletion of Filamin A results in reduced adhesion and 

increased membrane F-actin ruffles in fibroblasts [139]. In addition, knockdown of 

Filamin A decreases pericellular collagen and β1 integrin activation in fibroblasts and in 

mice [140]. F-actin dynamics are also directly influenced by integrin activation status. 

Lamellipodial protrusion is triggered upon integrin engagement which can then lead to 

generation of actomyosin contractility to promote stress fibre formation and further 

strengthen adhesion [141]. The branched F-actin structures within the lamellipodium are 

mediated by Arp2/3 and the WAVE complex proteins [142] downstream of PI3K/Rac1 

signalling, that are in turn regulated by integrin-ECM binding [143]. Disruption of F-

actin can contribute to reduced collagen production via downregulation of TGF‐β and 

SMAD2/SMAD3 signalling in dermal fibroblasts [144]. 

 

 

1.4 Rho GTPases  

 

1.4.1 Rho GTPase family  

 
The Rho GTPases are part of the Ras super family of GTPases that consists of 22 

intercellular signalling G proteins, which can be grouped into 8 sub families (Figure 1.8). 

Rho GTPases are known to cycle between GDP in inactive state and GTP in active state. 

Typical Rho GTPases are catalysed by Rho GEFs (Guanine nucleotide exchange factors) 

to promote active GTP-bound conformations and Rho GAPs (GTPase-activating proteins) 

accelerates the hydrolysis to an inactive GDP state (Figure 1.9). GAPs can increase 

GTPase hydrolysis up to 105 times. The highly conserved substitution of Arg into the 

active site, induce the hydroxylation and thus deactivation of GTPases [145]. GDIs 

(Guanosine nucleotide dissociation inhibitor) translocate Rho GTPase to the cytosol and 

prevents them from signalling. The balance of GAPs, GEFs and GDIs are important in 
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regulation of cell behaviour, such as migration and proliferation. Conversely, RhoBTB 

and Rnd sub families are atypical Rho GTPases as they exist in a GTP-bound state but 

are modified by expression or phosphorylation (Figure 1.9). Upon activation, Rho 

GTPases can change their conformation and form complexes with other downstream 

effectors to elicit signalling responses.  

 

RhoA, Rac1 and Cdc42 are the best studied family members. These GTPases  are 

ubiquitously expressed and play specific roles in organisation of the actin cytoskeleton; 

RhoA promotes assembly of F-actin stress fibres that connect to focal adhesion sites to 

provide stability and aide in the formation of traction forces between the cell and the 

ECM [146]. Rac1 regulates lamellipodium formation through the initiation of branched 

F-actin structures via co-ordination of Arp2/3 and WAVE complexes [147]. Cdc42 

activity promotes filopodia formation, which extend beyond the leading edge of migrating 

cells and act as sensing structures to guide directed migration. Cdc42 has been shown to 

coordinate with Rac1 activity within the leading edge to enable coordinated [148]. 

 

RhoA has been shown to be involved in fibrosis. RhoA can promote act ivation of Rho-

associated kinases (ROCKs) to regulate cell contraction through F-actin organisation 

[149]. Additionally, RhoA and Cdc42 can induce TGF-β signalling that induces SMA and 

F-actin polymerisation that promotes cell contractility and reduced SMA and F-actin 

disassembly downregulate Collagen I synthesis [150].  
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Figure 1.8: Rho GTPases family. 

There 8 sub-families in the Rho family of GTPase. The Rho sub-family is blue. The Rnd 

sub-family is yellow. BTB sub-family is red. Rac sub-family is green. Rho sub-family is 

blue. Taken from [151]. 

 

 

 

Figure 1.9: Rho GTPases activation 

Activation of classical Rho GTPases catalysed by RhoGEF keeps Rho in GTP bound 

conformation (left). RhoGAP triggers GTP hydrolysis and disactivate Rho GTPase into 

GDP-bound conformation. The atypical Rho GTPases are always active in GTP bound 

conformation (right). Taken from [152]. 
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1.4.2 Rnd subfamily  

 
The Rnd family are atypical Rho GTPases (shown in green in Figure 1.8). The Rnd  

subfamily consists of Rnd1, Rnd2 and Rnd3/RhoE. In the contrast to the typical Rho 

GTPase that cycle between GTP-GDP states, members of the Rnd subfamily are 

constitutively active because of elevated nucleotide exchange ability and exist in a 

constantly GTP-bound state [153]. Rnd proteins are instead regulated by differential 

expression and post-translational modifications including phosphorylation and 

ubiquitylation [140, 141]. Rnd proteins have been characterised as regulators of both the 

actin cytoskeleton and cell cycle progression. RhoE, Rnd1 and Rnd2 are structurally 

homologous proteins (Figure 1.10) [154]. Switch I and Switch II are highly conserved 

domains among Rho GTPases, and they stabilise the GTP/GDP conformations. However, 

the crucial mutation at glutamine residue and serine substitution in switch II prevents 

GDP-bound conformation in atypical Rnd proteins [155]. 

 

Rnd1 is expressed in liver and brain tissues, Rnd2 is expressed in testis and in the brain, 

while RhoE/Rnd3 is expressed in all tissues [156]. Both Rnd1 and RhoE have been shown 

to play an active role in Plexin-Semaphorin signalling. Plexins are transmembrane 

receptors that mediate semaphorins cues that regulate cell-cell communication, actin 

cytoskeleton and extracellular matrix adhesion. The Plexin B2 receptor competes with 

p190RhoGAP to interact with RhoE and maintain RhoA activity to control migration as 

a mechanosensing response from extracellular matrix [157]. Rnd1 and Plexin-B1, -B2 or 

-B3 induce cell contraction B-type plexins transmit upon Sema4A binding through Rnd1 

[158]. Whereas, several of semaphorins are known to be involved in fibrosis [159]. 

However, the role of Rnd proteins in the development of fibrosis is poorly understood.  
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Figure 1.10: Sequence alignment of Rnd family proteins and RhoA 

A secondary structure of RhoE is shown below alignment, domains are above it. The 

switch domains are highly conserved. The substitution in switch II can prevent 

hydrolysis. Taken from [154]. 

 

 

1.4.3 RhoE/RND3  

 
RhoE (RND3) has been shown to play roles in regulating cytoskeletal rearrangement, 

including cell migration, invasion and neurite extension, as well as controlling cell cycle 

progression and proliferation. RhoE is able to bind GTP but does not detectably b ind GDP 

and has low intrinsic GTPase activity [160]. Q63 is a highly conserved site in RhoE that 

is responsible for the hydrolysation of GTP, and as such RhoE is not regulated by GAPs 

and GEFs [140, 141]. The RhoE CAAX motif consists of a farnsylated cysteine reside 

and therefore also cannot bind RhoGDIs. However, phosphorylation of RhoE residues by 

several upstream kinases instead regulate its activity, localisation and degradation. 

 

RhoE is localised at the plasma membrane, cytoplasm or nucleus (Figure 1.12) [161]. 

These different localisations are in controlled by phosphorylation which  can in turn 

regulate RhoE binding partners (Figures 1.11 and 1.12). Active RhoE thought to be 

predominantly is localised to the plasma membrane. Phosphorylation of S210 by PKCα 

and S218 by ROCK promotes RhoE-14-3-3 binding, which then translocates RhoE from 

plasma membrane to the cytoplasm and prevents it from signalling. 14-3-3 was shown to 

directly bind to farnesyl moiety as well as S240 phosphorylation site [162]. 
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Figure 1.11: Domain organisation of the RhoE. 

RhoE structure showing different domains and phosphorylation sites in RhoE marked 

with red arrows. Adapted from [163]  

  

 

Previous studies have also shown that RhoE can also regulate nuclear translocation of 

p27Kip1 (p27), which is a target for Skp2 [164], and the absence of RhoE expression 

increases susceptibility to chemically induced skin tumours [165]. RhoE is also regulated 

by proteasomal degradation through an interaction with Skp2 and the C-terminal domain. 

Four basic residues (one arginine and three lysines) in the 231–240 region of RhoE are 

dispensable for the interaction with Skp2 but necessary for ubiquitylation [166]. RhoE 

was shown to be regulated by its ubiquitination via three enzyme complexes. E1 enzyme 

activates ubiquitin, E2 conjugates and E3 is a ligase enzyme [167]. The number of 

ubiquitin molecules and type of chains transferred to a protein determines its final cellular 

destination [168]. Monoubiquitylation and polyubiquitylation, when more than three 

ubiquitin are linked together, have different functions [167]. Polyubiquitylated RhoE on 

Lys48 is followed by its proteasomal degradation. However, when RhoE ubiquitinated on 

other residues, it can modulate protein localisation and activate DNA repair.  

 

Nuclear localisation sequences have been identified in a number of Rho GTPase family 

members within the C-terminal polybasic region [169]. Rac1 harbours functional nuclear 

localisation signals (K-K-R-K and K-R-K-R) that promote its nuclear translocation and 

regulate Rac-dependent signalling [170]. Whilst RhoE does not contain a canonical 

nuclear localisation sequence [169], this is also the case for RhoA, but RhoA has been 

reported to translocate to the nucleus in response to DNA damage and may play a role in 

lipid production [156, 157]. Rac1 cycling in and out of the nucleus seemingly depends on 

the cell cycle, with increased nuclear Rac1 during the late G2 phase [173]. The 

importance of RhoE during development has also been demonstrated using transgenic 
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mice. Complete RhoE knockout mice die at embryonic stage E10-E12.5 of heart failure. 

The deletion of RhoE results in activation of protein kinase A through stabilization of the 

β2-adrenergic receptor (β2AR) resulting in severe Ca2+ leakage through destabilised 

RyR2 Ca2+ release channels [174]. Interestingly, RhoE haploinsufficiency mice were 

generated to mimic the downregulation of RhoE observed in the failing human heart 

[175]. These mice are viable; however, the mice develop heart failure after pressure 

overload by transverse aortic constriction, severe obstructive hydrocephalus with 

enlargement of the lateral and third ventricles [165].  

 

1.4.4 RhoE function in actin cytoskeleton organisation  

 
In fibroblasts, the actin cytoskeleton is organised into parallel linear actomyosin bundles 

(stress fibres) associated with cell–matrix adhesions as shown previously in Figure 1.5 

[161, 162]. Rho GTPases are key regulators of stress fibres and FA formation. RhoA 

induces stress fibre formation and focal adhesion maturation. Rac1 triggers lamellipodia 

through activating actin branching and polymerisation via Arp2/3 and WAVE complex 

[151]. Newly forming focal adhesions also associate with proteins of the Arp2/3 complex 

[164, 165], while mature focal adhesions nucleate the associated actin bundles via activity 

of another actin polymerisation protein - formin [166, 167].  ROCK, of which there are 2 

isoforms (I and II), are key effectors downstream of Rho GTPases that act upon the 

cytoskeleton to control organisation [182]. ROCK I and II mediate the organisation of the 

actin cytoskeleton, stress fibre formation, cell adhesion, and cell motility [183].  

 

One of the earliest characterised functions for RhoE is inhibition of RhoA activity and 

reduction in ROCK-mediated actomyosin contractility [184]. RhoE also binds to and is 

phosphorylated by ROCK I. At high levels this interaction can compete to inhibit 

phosphorylation of other ROCK I substrates, such as myosin light chain phosphatase, and 

hence prevent contractility and stress fibre formation. RhoE increase the GAP activity of 

p190RhoGAP to GTP bound RhoA and thus leads to reduced levels of RhoA-GTP by a 

p190-dependent mechanism. However, ROCK I can also phosphorylate p190RhoGAP, 

which reduces RhoE binding to p190RhoGAP (Figure 1.12). Notably, RhoE bound to 

p190RhoGAP is not phosphorylated and inactivated by phosphorylation and 14-3-3 

binding. This provides a feedback mechanism for RhoA to prevent its  own 

downregulation by Rnd proteins.  
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Recently, RhoA and RhoE activity were shown to contribute to idiopathic pulmonary 

fibrosis [185]. RhoE expression promoted p190RhoGAP activation and thus 

downregulation of RhoA activity. Increasing RhoE expression led to reduced levels of 

Fibronectin and Collagen I and suppressed the profibrotic phenotype. Interestingly, RhoE 

did not alter SMA levels, but these pathways were instead suggested to act through TGF-

β to regulate fibrosis. 

 

 

 

Figure 1.12: RhoE protein interactions and regulation of F-actin. 

Diagram of known regulatory steps controlling RhoE (Rnd3) subcellular localisation and 

action on RhoA. The phosphorylation of RhoE by ROCK and PKCα promotes 

translocation from membrane to cytosol and 14-3-3 binding, that maintain RhoE inactive. 

Active RhoE increases p190RhoGAP activity, that leads to RhoA/ROCK pathway and 

loss of stress fibres. Taken from [186]. 

  

 

1.4.5 RhoE functions in cell cycle  
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One of the best characterised effects of ROCK1 on RhoE is its contribution to cell 

proliferation [187]. ROCK activation leads to increased levels of cell cycle regulatory 

proteins cyclin A and cyclin D1 which control progression through G1 to S through the 

cyclin-dependent kinases (CDKs) [188]. RhoE has been shown to inhibit cell cycle 

progression by reducing translation of cell cycle regulators, including cyclin D1 and Myc 

and by reducing phosphorylation of the translation regulator 4EBP1 by the protein kinase 

mTOR which inhibits eIF4E [189]. Recently, RhoE was also shown to contribute to the 

spindle position and cell rounding regulating early and late mitosis, by binding to 

thousand-and-one amino acid kinases (TAOKs) [190]. However, inhibition of TAOK 

induces multipolar spindle formation which cannot be rescued by the RhoE depletion 

[191]. The Notch signalling pathway is an important regulator of cell differentiation. 

RhoE was shown to promote Notch intracellular domain (NICD) association with 

importin-β1 binding for nuclear translocation. RhoE is able directly interact with NICD 

and also to increase NICD degradation, the depletion of which can increase the 

proliferation in vitro and in vivo [178, 179]. 

 

1.4.6 Identification of RND3 T231M mutation in dermatofibroma 

 
Using exome sequencing, Professor John McGraths group in collaboration with Dr Chao-

kai Hsu has identified a novel point mutation in a pedigree of patients from Taiwan with 

autosomal dominant multiple inheritance of susceptibility to benign skin tumours, mostly 

dermatofibromas (classic or deep penetrating) and occasionally other tumours including 

meningiomas, or paraspinal neurogenic tumour. The index case was a 32-year-old female 

presenting multiple, 0,5 to 4 cm, hyperpigmented papules and nodules on her trunk, 

buttock and four extremities for more than 25 years (Figure 1.13). Blood samples were 

taken from the index case and affected family members. A novel heterozygous variant, 

RND3 (c.692C>T, p.T231M), was identified in individual III-3, presence of which 

segregated with phenotype in affected/unaffected family member (Figure 1.13). 

Additional Sanger sequencing of RND3 coding regions and exon/intron boundaries on 

the extracted DNA from the index case and her offspring did not identify other RND3 

variants. The T231 residue is highly conserved in RhoE across species, however 

mutations in this protein have not been previously reported in any genetic human disease. 

Alignment of amino acid sequences across Rnd family proteins demonstrates that the 
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RhoE T231 site is absent in Rnd2, whilst S219 (or T220) are nucleophilic residues in 

Rnd1 (Figure 1.14).  

 

Figure 1.13: Clinicopathologic and molecular basis of familial dermatofibroma and 

meningioma in a Taiwanese family. 

Family pedigree shows the affected individuals harbouring RND3 mutation (c.692C>T, 

p.Thr231Met). The individuals with dermatofibromas are marked in black, and the 

individuals with meningioma are marked in grey. The index case (III-3) with 

dermatofibromas and meningioma is marked in blackish slash.  

 

 

 

 

Figure 1.14: The sequencing alignment of Rnd proteins within Rnd3 region of T231 

mutation. 

 

 

 

 

. 
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1.5 Hypothesis and aims of this project 

 
1.5.1 Hypothesis 

 
RhoE contributes to maintaining extracellular matrix production and organisation in the 

dermis, and T231M mutation disrupts this homeostasis leading to pro-fibrotic phenotypes 

 

1.5.2 Overarching aims 

 
The core aims of this project are: 

1. To determine the role of the mutation T231M on fibroblast proliferation and 

migration and cell adhesion. 

2. To determine whether T231M RhoE mutation leads to aberrant collagen 

synthesis/assembly in 2D and 3D models.  

3. To investigate whether T231M mutation alters RhoA activation, F-actin 

cytoskeleton or association to known binding partners. 

4. To investigate whether T231M mutation has alternative binding partners that can 

change WT RhoE phenotype or lead to ECM changes. 

5. To define the mechanisms exploited by RhoE-dependent changes in controlling 

integrin signalling and matrix reorganisation to promote pro-fibrotic phenotypes. 
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2 Materials and Methods 
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2.1 Materials 
 

Table 2.1 Cell culture reagents 

Reagents Source 

Collagen I Sigma 

DMSO (Dimethyl sulphoxide) Sigma 

DharmaFECT Horizon 

Fetal Bovine Serum (FBS) Sera laboratories International Ltd. 

Fibronectin Millipore 

High Glucose DMEM media Sigma 

L-glutamine Sigma 

Lipofectamine 2000 ThermoFisher scientific 

OptiMEM Gibco 

Penicillin/streptomycin Sigma 

PBS (Phosphate Buffered Saline) Sigma 

Polybrene (hexadimethrine bromide) GE Healthcare 

Trypsin/EDTA Sigma 

Table 2.2: Molecular biology reagents 

Reagents Source 

Ammonium Hydroxide APS Pure 

Ampicillin Sigma-Aldrich 

Deoxynucleosides (dNTPs) Bioline 

DNase I Sigma-Aldrich 

Gel extraction kit Qiagen 

Guanidine hydrochloride Sigma-Aldrich 

Hypperladder I Biolabs 

Kanamycin Sigma-Aldrich 

Luna Script New England Biolabs 

Luria-Bertani Agar and Broth Sigma-Aldrich 

Midiprep Kit Qiagen 

Miniprep Kit Qiagen 

NEB buffers New England Biolabs 

OneShot TOP10 Chemically Competent E.coli  Invitrogen 

Phusion buffer (10x) New England Biolabs 

Phusion Hot Start DNA polymerase  Finnzymes 

QIAquick gel extraction kit Qiagen 

Restriction Enzymes New England Biolabs 

Safeview NBS Biologicals 

T4 DNA Ligase and Buffer New England Biolabs 
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Table 2.3: Biochemical Reagents 

Reagents Source 

1 ml Cuvettes Fisherbrand 

1.0 mm Cassettes Invitrogen 

1.5 mm Cassettes Invitrogen 

30% Acrylamide Biorad 

-mercaptoethanol Sigma-Aldrich 

Acetic acid Sigma-Aldrich 

Agarose Sigma-Aldrich 

Agarose resin Thermofisher 

BSA (Bovine Serum Albumin) Sigma-Aldrich 

Bromophenol Blue Sigma-Aldrich 

DPX MOUNTANT for histology Sigma-Aldrich 

Dual Xtra Standards Bio-Rad 

ECL Plus Western blotting detection system  Bio-Rad 

EDTA Sigma-Aldrich 

ELISA Kit 2BScientific 

Fluorsave Mounting Media Calbiochem 

GFP-trap_A beads Chromotek 

Gelatine Sigma-Aldrich 

Gel Extraction Kit Qiagen 

G-LISA Kit Cytoskeleton 

Glutaraldehyde Bioline 

Glycerol VWR International 

Glycine Sigma-Aldrich 

Hematoxylin Sigma-Aldrich 

Immersion 510 Immersion oil Zeiss 

Methanol Sigma-Aldrich 

Neo-Clear Millipore 

NEB digest restriction buffers  New England Biolabs 

Nitrocellulose membrane Millipore 

NP-40 Sigma-Aldrich 

PFA (Paraformaldehyde) Sigma-Aldrich 

PBS Tablets Thermofisher 

Phosphatase Inhibitor Cocktail set II (Stock 100x)  

containing: 200 mM Imidazole, 100 mM Sodium  

Fluoride, 115 mM Sodium Molybdate, 100 mM 

Sodium Orthovanadate, 400 mM Sodium Tartrate,  

dehydrate Millipore 
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Protease Inhibitor Cocktail set I (Stock 100x) 

containing: AEBSF, Hydrochloride - 500uM 

Aprotinin, Bovine lung, crystalline - 150 nM E- 

64 Protease Inhibitor - 1µM EDTA Disodium – 0.5 

mM Leupeptin, Hemisulphate - 1uM Millipore 

PVDF membrane Millipore 

Re-blot strong solution Chemicon 

RNeasy Mini Kit 

Pierce Silver stain Kit 

Qiagen 

Thermofisher 

Sodium citrate tribasic dihydrate  Sigma-Aldrich 

Sodium chloride Sigma 

Sodium Dodecyl Sulphate Sigma-Aldrich 

Tetramethylethylenediamine (TEMED) Sigma-Aldrich 

Tris-Base Sigma-Aldrich 

Tris-HCl Sigma-Aldrich 

Triton X-100 Sigma-Aldrich 

Tween-20 Calbiochem 

 

 

Table 2.4: Materials and Solutions for biochemical assays 

Buffer/Solution Composition 

12% Resolving Acrylamide 

Gel 

12% 30%-acrylamide mix, 400 mM Tris (pH8.8), 0.1% SDS, 

0.1% APS, 0.05% TEMED 

8% Resolving Acrylamide Gel 

8% 30%-acrylamide mix, 400 mM Tris (pH8.8), 0.1% SDS, 

0.1% APS, 0.05% TEMED 

Stacking Acrylamide gel 

16% 30%-acrylamide mix, 400 mM Tris (pH8.8), 0.1% SDS, 

0.1% APS, 0.05% TEMED 

GFP Lysis Buffer 

50 mM Tris-HCl pH7.4, 200 mM NaCl, 1% NP40, 10% glycerol, 2 

mM MgCl2, Protease inhibitor cocktail, NaF, Phosphatase inhibitor 

cocktail 

RIPA Lysis Buffer 

10 mM Tris, 150 mM NaCl, 1ZmM EDTA, 1% TritonX-100, 

Protease inhibitor cocktail 

Running buffer (10x) 0.25 M Tris base, 1.92 M glycine, 1% SDS 

SDS Sample Buffer 5x 

250 mM Tris HCl (pH6.8), 10% SDS, Glycerol, 

0.02% Bromophenol blue, 5% -mercaptoethanol 

TBS (10x) 20 mM Tris base (pH 7.5), 150 mM NaCl 

TBS-Tween (10x) 20 mM Tris base (pH 7.5), 150 mM NaCl, 0.1% Tween-20 

Transfer Buffer (10x) 0.25 M Tris base, 1.86 M glycine, 20% methanol 
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Table 2.5: Antibodies used for western blot 

 Antibody Source Dilution 

Primary Mouse anti-Collagen I Sigma, ab90395 1/1000 

Mouse anti-Fibronectin, FN-15 Sigma, F7387 1/1000 

Mouse anti-Filamin EMD Millipore 1/1000 

Mouse anti-GAPDH Santa Cruz, sc-47724 1/5000 

Mouse anti-GFP Roche 1/5000 

Mouse anti-HSC70 Santa Cruz, sc-7298 1/5000 

Mouse anti-Lamin A/C Sigma, clone 4C11 1/1000 

Mouse anti-PLOD2 Proteintech 1/1000 

Mouse anti-RhoA Novus, 1A11-4G0 1/1000 

Mouse anti-RhoE EMD Millipore 1/1000 

Rabbit anti-Collagen VI Novus, NB120-6588 1/1000 

Rabbit anti-Collagen XII Novus, NBP1-88062 1/1000 

Rabbit anti-integrin 1 EMD Millipore, AB1952 1/2000 

Rabbit anti-pSer EMD Millipore, AB1603 1/1000 

Rabbit anti-TAOK1 Cell signalling 1/1000 

Sheep anti-NICD Novus 1/1000 

Secondary Goat anti-mouse Dako P044701-2 1/5000 

Goat anti-rabbit Dako P044801-2 1/5000 

Rabbit anti-goat Dako P044901-2 1/5000 
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Table 2.6: Antibodies used for immunofluorescence 

 Antibody Source Dilution 

Primary Mouse anti-active 1 integrins Abcam, 12G10 1/400 

Mouse anti-Collagen I Sigma, ab90395 1/150 

Mouse anti-Fibronectin, FN-15 Sigma, F7387 1/200 

Mouse anti-PLOD2 Proteintech 1/200 

Mouse anti-RhoE EMD Millipore 1/100 

Rabbit anti-Calnexin  Sigma, ab22595 1/200 

Rabbit anti-Collagen VI Novus, NB120-6588 1/200 

Rabbit anti-TAOK1 Cell signalling 1/100 

Sheep anti-NICD Novus 1/200 

Secondary Goat anti-mouse Alexa-Fluor-568/647 1/200 

Goat anti-rabbit Alexa-Fluor-568/647 1/200 

Rabbit anti-goat Alexa-Fluor-568 1/200 

Reagents DAPI Thermo Scientific 1/200 

Phalloidin Alexa-Fluor-568/647 1/200 

 

Table 2.7: Antibodies used for tissue staining 

 Antibody Source Dilution 

Primary 

Mouse anti-PLOD2 Proteintech 1/200 

Mouse anti-RhoE Novus, 687202 1/200 

Secondary Goat anti-mouse Dako P044701-2 1/5000 

Reagents DAB Agilent K346711  

 

Table 2.8: Inhibitors 

Reagents Source Concentration Duration 

Cycloheximide Sigma-Aldrich 5µM 8-24 hours 

Cpd43 Custom 10µM 2 hours 

GSK269962 Adooq Bioscience 10µM 30 minutes 

MG132 Sigma-Aldrich 10µM 4-8 hours 

DMSO Sigma-Aldrich — — 
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2.2 Methods 

 

2.2.1 Molecular biology and cloning 
 

2.2.1.1 DNA amplification 

 

DNA was added to chemically competent TOP10-Escherichia coli cells, left on ice for 

30 minutes before heat shocking at 42 0C for 30-45 seconds. Then cells were left on ice 

for 2 minutes followed by the addition of 950 ul  S.O.C. medium or LB and incubated 

for 1 hour at 37 0C in the bacterial shaker. Cells were then spread onto agar plates with 

100 mg/ml of the appropriate antibiotic (Ampicillin or Kanamycin) and incubated 

overnight at 37 0C. Single colonies were then collected using a pipette tip and were 

amplified in LB overnight with 100 mg/L of the appropriate antibiotic. To purify plasmid 

DNA from bacteria, either Midiprep or Miniprep kit was used according to the 

manufacturer’s instructions. The concentration of the DNA was measured using a 

Nanodrop Spectrophotometer (Labtech International). 

 

2.2.1.2 Real-time PCR 

 

RNA was collected from cells using RNeasy Mini Kit. cDNA was synthesised from 1 mg 

of total RNA using Luna Script as per manufacturer’s instructions. Then cDNA was 

subjected to the following amplification cycles: initial denaturation, at 98 0C for 30 sec, 

followed by 30 cycles of denaturation at 98 0C for 5 sec, 700C for 10 sec and 720C for 30 

sec and final extension, at 72 0C for 5 minutes. 

 

2.2.1.3 Restriction digest 

 

Restriction digestions were performed according to the manufacturer’s instructions 

provided by Biolabs. The mix of 1 µg DNA, 0,5 µl of each restriction enzyme, and 

appropriate restriction digest NEB buffer was topped up with dH2O and incubated for 2 

hours at 37 0C. Loading buffer was added to each digest and they were run on a 2% 

agarose gel containing 1:10000 Safeview. Bands were cut from the gel using a scalpel 

and extracted using a QIAquick gel extraction kit according to the manufacturer’s 

instructions. A Nanodrop Spectrophotometer (Labtech International) was used to 

quantify the concentration and purity of the DNA. 
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2.2.1.4 Plasmid constructions 

 

The T231M point mutation was generated in the parental vector pEGFP-RhoE-C1 

(originally generated by Dr Penny Morton, Parsons’ lab) using primers:  

Forward: 5’- GCAGTTGCTATGGACTTACGAA-3’ 

Reverse: 5’- CGAGAGTTCTGGTCTGCT-3’. 

 

Figure 2.1: pEGFP-RhoE-C1 vector. 

 

A mixture of 4 siRNA – SMART pool ON-TARGETplus were used to knockdown RhoE.  

Sequences: 

CUACAGUGUUUGAGAAUUA 

UAGUAGAGCUCUCCAAUCA 

CAGCAAAUCUAUCAUGGAU 

GCGGACAGAUGUUAGUACA 

 

A mixture of 4 siRNA – SMART pool ON-TARGETplus were used to knockdown 

PLOD2.  

Sequences: 

CGGAGAAGCCCUCGAGCAU 

ACACAACCGAGGAGCGUAU 

AAAUCUAAGUCAAGCGGAA 

ACAUCAUGAUAGCCGUAUA 
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pLVX-T231RhoE-GFP and pLVX-WTRhoE-GFP lentiviral vectors were engineered 

using PCR from pLVX-GFP as matrix using KpnI and HF restriction sites.  

 

Figure 2.2: pLVX-WTRhoE-GFP vector. 

 

CRISPR guide RNA was generated in pSpCas9 BB-2A-GFP (PX458) vector for RhoE 

knockout, purchased from Genscript. (Fig. 6) 

 

gRNA sequence 1: GCAGCCGACCAAGAGCATTT 

gRNA sequence 2: GTAGCAACTGCCGAGAGTTC 

 

Quantitative real-time PCR was performed using primers: 

RhoE primer forward 5’ AAGTGACGCGAGTTCACCTG 3’ 

RhoE primer reverse 5’ AGATGTTCAAGACCTGTACACTG 3’ 

Collagen XII primer forward 5’ TACACAGGACAGCGTTGGAC 3’  

Collagen XII primer reverse 5’ TAGCCGGAACCTGGATAGC 3’  

GAPDH primer forward 5’-CCCATCACCATCTTCCAGGAGC -3’ 

GAPDH primer reverse 5’-CCAGTGAGCTTCCCGTTCAGC -3’ 
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Figure 2.3: Cas9 sgRNA vector. 

 

2.2.2 Cell culture 
 

2.2.2.1 Cell lines 

 

Immortalised normal human dermal fibroblasts (HDF) and HDF cells expressing GFP, 

GFP-RhoE-WT or GFP-RhoE-T231M and CRISPR RhoE were used (obtained as a gift 

from John Connelly, QMUL [194]). HEK293T cells were originally sourced from ATCC. 

Cells were grown in Dulbecco’s modified eagle medium, supplemented with 10% (v/v) 

FBS, 2mM L-Glutamine, 100 units/ml penicillin, 0.1 mg/ml streptomycin. Cells were 

maintained at 37 0C, 5% CO2 in a humidified incubator. 

 

All cells were passaged once at ~80% confluency by washing once with PBS without 

calcium or magnesium followed by trypsinisation using trypsin in EDTA (0.05% 

concentration). After cell detachment after 3-5 minutes, normal growth media was used 

to neutralise the trypsin and collect the cells for centrifugation for 3 minutes at 1200 rpm. 

After, the supernatant was removed and the pellet resuspended in fresh media to be plated 

into new tissue culture flasks. 

 

Cells were also frozen down for future use. Cell pellets were resuspended in 50% normal 

growth media, 10% DMSO and 40% FBS and transferred to Cryotubes for storage at -

800C and transferred to liquid nitrogen for long term storage. Frozen stocks were thawed 
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in normal media, then centrifuged and resuspended pellets were plated into tissue culture 

flasks. 

 

Primary normal human dermal fibroblasts (NS1, NS2) (obtained as a gift from Dr Tanya 

Shaw, KCL) and fibroblasts from dermatofibroma samples or fibroblasts from 

dermatofibroma samples with T231M mutation (DF1, DF2) (obtained as a gift from our 

collaborators Professor Chao-Kai Hsu, Department of Dermatology, National Cheng 

Kung University Hospital, College of Medicine, National Cheng Kung University, 

Tainan, Taiwan) were grown the same way as immortal fibroblasts.  All the cell lines are 

obtained from middle-aged females. 

 

 

2.2.2.2 Lentiviral infection to generate stable cell lines  

 

HEK-293T cells were plated at 40% confluency in T-25 cm2 sterilised tissue culture flasks 

24 hours prior to transfection. A transfection mixture containing 2.1  µg pCMV8.91, 

9.7 µg pMDG and 3.75 µg of various lentiviral constructs, a total of 7.5 µg was mixed in 

500 µl of OptiMEM. Subsequently, 22.5 µl of PEI transfection reagent was added in the 

transfection mixture (3:1 ratio to total DNA). The DNA-PEI mix was vortexed and 

incubated for 15 minutes at room temperature (RT) before being added to HEK293T cells 

with OptiMEM. After incubation with the transfection mixture for 6 hours at 37 0C, 

OptiMEM was replaced by complete media. Lentivirus  was  harvested after 48 hours by 

removing the media and centrifugation at 1200 rpm for 3 minutes to remove any HEK-

293T cells. Harvest viruses was filtered through 0.45 µm sterile filter and added to the T-

25 cm2 flasks with HDF fibroblasts. Polybrene (8 mg/mL) was added into the flask with 

cells in viral media to increase the efficiency of viral infection and flasks were left to 

incubate at 37 0C. Media was replaced 48 hours post-infection to remove the virus and 

cells were grown and passaged.  

 

2.2.2.3 Transient transfection 

 

HDF cells were plated in 24 well chambers 24 hours prior to transfection at 50% 

confluency. 1.1 µl of lipofectamine 2000 was added into 50 µl of OptiMEM and 0.55 µg 

of DNA was diluted into another 50 µl of OptiMEM. Following a 5 minutes incubation 
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at RT, the DNA/OptiMEM mixture was added into the Lipofectamine/OptiMEM mixture 

and incubated at RT for a further 20 minutes. The DNA/transfection mixture was added 

to cells in OptiMEM and cells were incubated at 37 0C. 4 hours post-transfection 

OptiMEM was replaced with normal growth media.  

 

 

2.2.2.4 siRNA transfection 

 

HDF cells were plated in 6 well chambers 24 hours prior to transfection at 60-70% 

confluency. 0.5 ng of siRNA pool or siControl were diluted into 180 µl of OptiMEM and 

5 µl of Dharmafect was added into another 180 µl of OptiMEM per well. Following a 10 

minutes incubation at RT, the siRNA/OpiMEM mixture was added into the 

Dharmafect/OptiMEM mixture. This was followed by a further incubation at RT for 20 

minutes. The siRNA/transfection mixture was added to cells in 2 ml of OptiMEM and 

incubated at 37 0C, 6 hours post-transfection OptiMEM was replaced with normal growth 

media. 

  

2.2.2.5 Cells treatment 

 

HDF cells were plated 24 hours prior to treatment at 50% confluency, subsequently 

incubated at 37 0C with reagents or DMSO as a control. Treatment time and 

concentrations were consistent between treated and control conditions.  

 

2.2.2.6 Cell-Derived Matrix (CDM) production 

 

Coverslips were incubated with 0.8 ml of sterile 0.2% (wt/v) gelatin for 1 hour at 37 0C, 

then washed 3 times with PBS and cross-linked with 0.5 ml of sterile 1% (v/v) 

glutaraldehyde for 30 minutes at RT, then washed and quenched any remaining 

glutaraldehyde with 1 ml of sterileglycine (1 M) for 20 minutes at RT and then blocked 

with normal growth media. Cells were then plated at a concentration of 5x10 4 cells/well 

in complete media and incubated overnight at 37 0C, 5% CO2. The following day once 

cells had formed a confluent monolayer, media was replaced with 0.8 ml of normal 

growth medium supplemented with ascorbic acid (50 g/ml). Media was changed for fresh 

media containing ascorbic acid every other day for 12 days. Cells were extracted with 

extraction buffer (1 ml of NH4OH, 250 µl of Triton X-100 and 48.75 ml of PBS) and 
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then the residual cellular DNA was removed by incubating CDMs with 1 ml of 10 g/ml 

DNase I for 30 minutes at 37 0C. Followed by either washing and blocking steps to plate 

cells for proliferation or migration assays or fixing for 15 minutes using 4% PFA.  

 

 

 

2.2.3 Biochemical analysis 

 

2.2.3.1 GFP-trap immunoprecipitation 

 

HDF cells were culture in 10 cm dishes for 48 hours and lysed in 500 µl of the GFP lysis 

buffer containing phosphatase and protease inhibitor cocktails (1:100). 5 µl of GFP-trap 

beads and 15 µl of agarose resin suspension mix were washed with the GFP lysis buffer. 

Lysates were added to the mix and incubated for 3 hours at 4 0C on a rotator. Afterward, 

the beads were washed three times with GFP lysis buffer. Sample buffer and -

mercaptoethanol (1:50) were added in beads and boiled for 10 minutes at 95 0C, the 

samples were subject to SDS-PAGE and western blot analysis or silver staining. 

 

2.2.3.2 SDS-PAGE and western blot analysis 

 

To evaluate protein expression levels, cells were lysed in RIPA buffer containing 

phosphatase and protease inhibitor cocktails (1:100) and 5x sample buffer and -

mercaptoethanol (1:50) to denature the proteins from tertiary structure to a primary amino 

acid structure and boiled for 10 minutes at 95 0C. For cell extracted CDM western 

blotting, CDMs were cultured on 6 well-plates as previously described in “Cell-Derived 

Matrix production”. After the extraction of cells, CDMs were incubated with 4 M GuHCl 

for 30 minutes and then at 4 0C overnight. Samples were then centrifuged for 10 minutes 

at 10,000 xg, followed by measuring the protein concentration on a Nanodrop. Once the 

concentrations of samples are equalised, samples were incubated with 5x final volume 

per tube of ice-cold ethanol to precipitate protein and left at  -20 0C overnight.  Samples 

were centrifuged at 4 0C at max speed to pellet proteins, supernatant was removed, pellets 

were air-dried, resuspended in RIPA buffer and proceeded for western blotting. 

 

Samples were separated under the sodium dodecyl sulphate-polyacrylamide gel 

electrophoresis (SDS-PAGE) using gels with 8-12% (v/v) polyacrylamide resolving layer 
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and a 4% (v/v) stacking layers and were transferred to either PVDF or Nitrocellulose 

membrane. This was followed by blocking membranes in 5% (wt/vol) skimmed milk 

powder in TBST for 1 hour at RT and incubation with primary antibodies overnight listed 

in table followed with three washes with TBST for 5 minutes before incubation with 

horseradish peroxidase (HRP)-conjugated secondary antibodies for 1 hour at RT. After 

the washing steps, proteins were detected by ECL chemiluminescence kit and directly 

imaged using the BioRad gel imager. For re-probing, blots were stripped for 10 minutes 

at RT using ReBlot plus strong stripping buffer (Merck) and then treated as before.  

 

2.2.3.3 Silver staining 

 

Lysates obtained from GFP-traps were run on  10% SDS-PAGE 1 mm gels. Gels were 

washed twice in ultrapure water and fixed via double incubation for 15 minutes in 30% 

ethanol:10% acetic acid solution. The gel was then washed twice in 10% ethanol and then 

twice again in ultrapure water and treated with the stain solution from the kit for 30 

minutes. Then the gel was washed twice and rinsed with the developer solution until 

bands appeared and immediately stopped with 5% acetic acid. Banding patterns between 

control GFP and GFP-RhoE-WT and GFP-RhoE-T231M lanes were compared, and bands 

of interest were excised using a scalpel and sent for protein identification by Liquid 

Chromatography-Tandem Mass Spectrometry (LC-MS/MS). 

 

2.2.3.4 CDM preparation for proteomics 

 

HDF were cultured on 6 well-plates as previously described in “Cell-Derived Matrix 

production”. After the extraction of cells, CDMs were incubated with 4 M GuHCl for 30 

minutes, at 37 0C  and then again at 4 0C overnight. Samples were centrifuged for 10 

minutes at 10,000 x g, followed by measuring the protein concentration on a Nanodrop. 

Once the concentrations of samples are equalised, samples were incubated with 5x final 

volume per tube of ice-cold ethanol to precipitate protein and left at -20 degrees 

overnight.  Samples were centrifuged at 4 0C at max speed to pellet proteins, supernatant 

was removed, pellets were air-dried, resuspended in RIPA buffer. Samples were then sent 

for LC-MS/MS analysis 
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2.2.3.5 Liquid Chromatography-Tandem Mass Spectrometry (LC-MS/MS) 

 

All samples were analysed by the King’s College London Proteomics Facility. Trypsin 

digestion was carried out overnight at RT after initial incubation at 37 0C for 2 hours. 

Each peptide sample was resuspended in 20 l of resuspension buffer (2% ACN in 0.05% 

FA), 6 l of which was injected to be analysed by LC-MS/MS. Chromatographic 

separation was performed using a U3000 UHPLC NanoLC system 

(ThermoFisherScientific, UK). Peptides were resolved by reversed phase 

chromatography on a 75 m C18 Pepmap column (50 cm length) using a three-step linear 

gradient of 80% acetonitrile in 0.1% formic acid. The gradient was delivered to elute the 

peptides at a flow rate of 250 nl/min over 60 minutes starting at 5% B (0-5 minutes) and 

increasing solvent to 40% B (5-40 minutes) prior to a wash step at 99% B (40-45 minutes) 

followed by an equilibration step at 5% B (45-60 minutes). The eluate was ionised by 

electrospray ionisation using an Orbitrap Fusion Lumos (ThermoFisherScientific, UK) 

operating under Xcalibur v4.1.5. The instrument was first programmed to acquire using 

an Orbitrap-Ion Trap method by defining a 3s cycle time between a full MS scan and 

MS/MS fragmentation. Orbitrap spectra (FTMS1) were collected at a resolution of 

120,000 over a scan range of m/z 375-1500 with an automatic gain control (AGC) setting 

of 4.0e5 with a maximum injection time of 35 ms. Monoisotopic precursor ions were 

filtered using charge state (+2 to +7) with an intensity threshold set between 5.0e3 to 

1.0e20 and a dynamic exclusion window of 35 secs ± 10 ppm. MS2 precursor ions were 

isolated in the quadrupole set to a mass width filter of 1.6 m/z. Ion trap fragmentation 

spectra (ITMS2) were collected with an AGC target setting of 1.0e4 with a maximum 

injection time of 35 ms with CID collision energy set at 35%. This method takes 

advantage of multiple analyzers in the Orbitrap Fusion Lumos and drives the system to 

use all available parallelizable time, resulting in decreasing dependence on method 

parameters. Blank samples were analysed before and after each sample to wash the 

column and prevent carryover of one sample to the next. 

Raw mass spectrometry data were processed into peak list files using Proteome 

Discoverer (ThermoScientific; v2.2) (Figure 3.1). The raw data file was processed and 

searched using the Mascot search algorithm (v2.6.0; www.matrixscience.com) and the 

Sequest search algorithm (Eng et al; PMID 24226387) against the Uniprot Human 

database (50,095 entries). The database output file was uploaded into Scaffold software 



 59 

(v 5.0.0; www.proteomesoftware.com) for visualisation and manual verification in the 

following file: 

PR590 SA2_1_2_7 HT 20220310_EDIT. 

 

2.2.3.6 RhoA activity assay 

 

HDF cells were culture in 10 cm dishes for 48 hours and solubilized on ice in 500 µl of 

ice-cold lysis buffer provided by Cytoskeleton G-LISA kit. Then tubes with cells were 

centrifuged at 10,000 x g, 4 0C for 1 minute to remove insoluble material. Supernatants 

were aliquoted different volumes of 50 µl for western blotting, 20 µl for protein 

quantification and 100 µl for RhoA activity assay and were immediately snap-frozen in 

liquid-nitrogen to store at -70 0C. To measure lysate protein concentrations, aliquots of 

20 µl were mixed with 1 ml of Precision Red Advanced Protein Assay Reagent provided 

by Cytoskeleton G-LISA kit and incubated for 1 minute at RT in spectrophotometer 

cuvettes. The spectrophotometer (WPA Biochrom) was blanked with the lysis buffer at 

600 nm and the absorbance of lysates samples in each cuvette was read and calculated for 

further analysis. Subsequently, frozen samples were tested with G-LISE kit according to 

the manufacturer’s instructions. Briefly, frozen samples were equalised according to the 

protein quantifications, mixed with the binding buffer provided by the Cytoskeleton G-

LISA kit. 50 µl of each sample/binding buffer mix, positive control, or blank buffer were 

added into wells of the Rho-GTP binding plate. Immediately, the plate was placed on a 

cold orbital microplate shaker at 400 rpm at 4 0C for 30 minutes. Then wells were washed 

twice with the provided washing buffer and incubated at RT with antigen-presenting 

buffer for 2 minutes. Samples were immediately washed three times further and anti-

RhoA primary antibody was added into the wells. The plate was left on a cold orbital 

microplate shaker at 400 rpm at RT for 45 minutes. Subsequently wells were washed three 

times again and incubated with the secondary antibody on the shaker for 45 minutes at 

RT. After, wells were washed three times and incubated with HRP detection reagents for 

10-15 minutes at 37 0C. After sufficient colour development, HRP stop buffer was added 

to each well and the absorbance of each well was read (optical density at 490 nm) with a 

plate reader (POLARstar Omega). 
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2.2.4 Microscopy 
 

2.2.4.1 Immunocytochemistry 

 

HDF cells were plated on 13 mm glass coverslips coated with Fibronectin for 1 hour at 

37 0C and incubated overnight. Cells were then fixed in 4% PFA/PBS for 10 minutes at 

RT, permeabilised with 0.2% TX-100 in PBS and blocked by incubating in 3% (wt/v) 

BSA in PBS for 20 minutes at RT. Coverslips were incubated in various primary 

antibodies, as listed in Table 2.6, diluted in blocking buffer for 1 hour at RT. Coverslips 

were washed three times with PBS before incubating with appropriate secondary 

antibodies diluted in blocking buffer, along with DAPI and phalloidin for one hour at RT. 

Coverslips were then washed by submerging 3 times in PBS and fixed to glass slides 

using Fluorsave mounting solution (Millipore). Fixed cells were acquired on a NIKON 

A1R inverted confocal microscope (Nikon Instruments UK) with a 40x Plan Fluor oil 

immersion objective. Excitation wavelengths of 488 nm, 561 nm, and 640 nm were used. 

Images were saved in nd2 format and then analysed using FIJI software. Z-stack mode 

with 1 µm step height was used to image the whole structure of CDM. 

 

2.2.4.2 Live cell imaging 

 

For localisation studies, lentiviral infected GFP expressing HDF cells were plated under 

starving conditions and allowed to adhere overnight. Then the media was changed on 

serum-containing media and HEPES at a concentration of 1:40 and visualized using a 

laser scanning inverted confocal microscope NIKON A1R (Nikon Instruments UK) with 

a 40x Plan Fluor oil immersion objective by time-lapse microscopy. The presence of 

RhoE in stress fibre and/or on the periphery was analysed in media with and without 

serum. 

 

2.2.4.3 Migration assays 

 

HDF cells were cultured on a 12-well plate for 24 hours. Then the media was changed on 

serum-containing media and HEPES at a concentration of 1:40 and cells were visualised 

using OLYMPUS IX71 with a 10x objective for 12 hours at 37 0C by time-lapse 

microscopy acquiring one frame every 15 minutes on 2D and CDM surfaces . Velocity 
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and directionality were analysed by using a manual tracking plugin in FIJI. The raw 

statistics for directionality were obtained using the directionality ratio from Gorelik’s and 

Gautreau’s paper, ‘Quantitative and unbiased analysis of directional persistence in cell 

migration [195]. 

 

2.2.4.4 Proliferation assay 

 

HDF cells were plated on a 6 well plate and incubated for 24 hours, 48 hours, or 72 hours 

at 370C, 5% CO2. The control 0-hour time point was assumed when cells adhere. Then 

cells were fixed with 4% PFA/PBS for 10 minutes and stained with DAPI to enable cell 

quantification. Using an EVOS FL Auto 2 fluorescent microscope (Thermofisher) with 

10x objective cells in all wells were tile scanned and saved as TIFFs. Then using FIJI 

software and total cell count was obtained by thresholding for nuclear stain followed by 

automated counting. 

 

2.2.4.5 Adhesion assay 

 

1x104 HDF cells were plated in a 24 well plate coated with a Fibronectin or Collagen (Rat 

Tail Type I) and allowed to adhere for 2 hours at 37 0C, 5% CO2. Then cells were fixed 

with 4% PFA/PBS for 10 minutes and stained with DAPI to enable cell quantification. 

Using an EVOS FL Auto 2 fluorescent microscope (Thermofisher) with 10x objective 

cells in all wells were tile scanned and saved as TIFFs. Using FIJI software, total cell 

count was obtained by thresholding for nuclear stain followed by automated counting.  

 

2.2.4.6 Colocalisation analysis 

 

Images were acquired using methods as previously described in “Immunocytochemistry” 

and using the same laser settings and objectives across all samples. Then images were 

analysed using FIJI software and JACoP plugin and the Manders’ correlation coefficient 

of channels of interest was measured. 

 

2.2.4.7 Active β1 integrin analysis 

 

HDF cells were plated and stained with the antibodies targeting active 1 integrins and 

images were acquired using methods as previously described in “Immunocytochemistry” 
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and using the same laser settings and objectives across all samples. Images were analysed 

using FIJI software. The sum of raw integrated intensity of focal adhesions per cell was 

analysed to determine the effect of RhoE or PLOD2 on active β1 integrins and cell -matrix 

adhesion regulation.  

 

2.2.4.8 Alignment analysis 

 

Z-stack images were acquired using methods as previously described in 

“Immunocytochemistry” and using the same laser settings and objectives across all 

samples. Then images were pre-processed using FIJI software by subtracting a 

background and MAX projection was used for further analysis. Then images were 

proceed with MATLAB plugin from [196]. The parameters were optimised and the filters 

applied (Figure 2.4-2.5). 

 

Figure 2.4: Alignment analysis workflow. 

Parameters to optimise the detection area. 

 

 

Figure 2.5: Alignment analysis workflow. 

Filters to optimise the detection. 
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2.2.5 Tissue culture 
 

2.2.5.1 Immunohistochemistry 

 

Tissue sections for analysis were kindly provided by Hsu Chao-Kai (Department of 

Dermatology, National Cheng Kung University Hospital, College of Medicine, National 

Cheng Kung University, Tainan, Taiwan) listed in Table 2.9. Tissue sections were 

incubated for 2 hours at 70 0C to melt the paraffin. This was immediately followed by a 

series of rehydration steps as slides were immersed in Neo-Clear solution twice each, 

100% ethanol twice, 70% and 50% ethanol for 5 minutes each. The slides were rehydrated 

with deionized H2O for 10 minutes. Antigen retrieval was performed to unmask the 

antigenic epitope by incubating slides in pressure cooker with 10 mM sodium citrate 

buffer, pH 6.0 for 20 minutes at 90 0C. After, slides were removed to RT and allowed to 

cool for 20 minutes. The endogenous peroxidase activity was blocked by incubating 

sections in 3% H2O2 solution at RT for 10 min. To block non-specific staining between 

the primary antibodies and the tissue slides were incubated in 3% (wt/v) BSA in PBS for 

30 minutes at RT. Slides were incubated in various primary antibodies, as listed in Table 

2.7, diluted in blocking buffer for 2 hours at RT. Slides were washed three times with 

TBS-TBST-TBS respectively before incubating with appropriate secondary antibodies 

for one hour at RT. Slides were washed twice with TBS and DAB substrate solution was 

added on the slides to reveal the colour of antibody staining and incubated for less than  

5 minutes until the desired colour intensity is reached and rinsed twice with TBS. Slides 

were counterstained by immersion in Hematoxylin for 1-2 minutes and then washed with 

tap water for 10 minutes. The tissue slides were dehydrated through 5 changes of  alcohol 

(50%, 70%, 70%, 100%, and 100%) for 5 minutes each and twice in Neo-Clear solution. 

The sections were secured with glass coverslips using a mounting solution. Sections were 

kindly scanned by Debbie Finch (KCL). 
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Table 2.9: Tissue sections 

Group of family Pathology 

Number 

Pathology diagnosis 

Dermatofibroma D14-0173 Dermatofibroma, left upper arm 

D14-1658 Deep and cellular dermatofibroma with haemorrhage and foamy 

histiocytes, left upper arm 

D14-1659 Dermatofibroma, left foot 

RND3 mutation 

family 

D08-2256 Dermatofibroma, left elbow 

D15-1031 Dermatofibroma, right forearm (excision) 

D14-0944 Deep dermatofibroma with myoid differentiation, left shoulder  

D08-0126 Atypical spindle cell tumour involving the dermis and 

subcutaneous tissue, recurrent, right axilla.  

D08-2255 Large and deep dermatofibroma, left buttock.  

D08-2257 Deep dermatofibroma, left arm 

D08-2254 Unusual dermatofibrosarcoma protuberans, recurrent, right 

axilla 

Normal skin/ 

Normal scar 

D10-2626 Normal scar 

D10-2828 Normal scar 

D16-2729 Normal scar 

D10-0108 Normal scar 

D19-1944 Normal skin 

D11-1024 Normal skin 

071087 Normal skin 

D19-1914 Normal skin 

D14-2254 Normal skin 

D14-2512 Normal skin 

 

 

2.2.5.2 QuPath proliferation analysis 

 

Images were analysed using the whole slide imaging analysis software, QuPath. Firstly, 

images were set to the Brightfield (H-DAB). Then, images were pre-processed to subtract 

the surrounding background regions. Annotations were then made using the wand/brush 

functions to select and segregate the dermis or epidermis to allow for an independent 

analysis. Then a threshold was optimised and cell number analysis was applied to 

Hematoxylin stains for epidermal keratinocytes or dermal fibroblasts (Figure 2.6). 
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Figure 2.6: QuPath cell detection analysis workflow. 

Threshold to detect nuclei stained with Hematoxylin.  

 

2.2.5.3 QuPath protein analysis 

 

Images were analysed using QuPath software and pre-processed to subtract the 

surrounding background regions. Annotations were then made using the wand/brush 

functions to select and segregate the dermis or epidermis to allow for an independent 

analysis. Then a threshold was optimised. Then positive cell count and positive pixel 

count were applied to calculate the number of keratinocytes and fibroblasts respectively 

and the positive protein percentage in the epidermis or dermis (Figure 2.7).  

 

Figure 2.7: QuPath positive pixel detection analysis workflow. 

Threshold to detect cells expressing the protein of interest.  
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2.3 Ethical information 
 

All samples were obtained by the International Center for Wound Repair and 

Regeneration at National Cheng Kung University and National Cheng Kung University 

Hospital after participating individuals gave written consent according to the ethical and 

legal standards. 

 

2.4 Statistical analysis 
 

Statistical analysis was carried out using GraphPad Prism 8 software. Data were reported 

as the mean ± SEM from at least three independent experiments and, unless otherwise 

stated and significance determined as * = p < 0.05, ** = p < 0.01, *** = p < 0.001, **** 

= p < 0.0001 and were assigned in specific figures and experiments as shown. Student’s 

t-test was used for comparing two groups for statistical analysis. One or two-way analysis 

of variance (ANOVA) with Tukey’s was used for multiple comparisons.  
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3 Characterising the role of 

RhoE in dermal fibroblast 

adhesion and migration 
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3.1 Introduction 

RhoE (RND3) is an atypical member of the Rho GTPase family that is involved in 

regulating cytoskeletal rearrangement, including cell migration and invasion, as well as 

controlling cell cycle progression and proliferation. RhoE can bind GTP but does not 

detectably bind GDP - activity is instead controlled by RhoE synthesis and degradation 

or post translational modifications [197]. RhoE activity is profoundly affected by 

phosphorylation at multiple sites. There are 3 high-affinity binding phosphorylation sites 

found at the C terminus of RhoE - Ser240, Ser218 and Ser210 [198]. Thr231 is not a 

known phosphorylation site but resides within the C-terminal regions immediately 

upstream of the CAAX motif that has been shown to be a substrate for phosphorylation 

on serine/threonine residues in several small GTPases of the Ras and Rho families [199]. 

RhoE inhibits ROCK I-induced myosin light chain (MLC) phosphorylation. RhoE also 

binds to and inhibits the RhoA effector ROCK I, a serine/threonine kinase that regulates 

the contractility of actin stress fibres. RhoA is an antagonist of RhoE [200]. RhoA is 

required to maintain a spread morphology by stimulating the attachment of stress fibres  

to focal adhesion sites. However, RhoE affects the cytoskeletal response differently 

depending on a cell type. It has been shown that RhoE can induce the stress fibres 

formation in endothelial cells via RhoB [157].  

RhoE is localised throughout the plasma membrane but can also be localised to the 

cytoplasm or nucleus and can fluctuate between these locations [161]. It has been shown 

that RhoE is regulated by its interaction with 14-3-3 or TAOK1 and TAOK2, which 

translocate RhoE from the membrane and retains the protein in the cytosol [5, 6]. TAOKs 

promote mitotic cell rounding and spindle centralisation by binding and phosphorylating 

RhoE. RhoE was also shown to regulate proliferation by NICD proteasome degradation 

[192]. RhoE inhibits cell proliferation primarily by preventing S-phase entry and 

degradation of RhoE is required at the G1 /S transition and during G2 [166]. 

RhoE knockout has been demonstrated in vivo. RhoE haploinsufficient mice were 

generated to mimic the downregulation of RhoE observed in the failing human heart 

[175]. These mice are viable; however, the mice develop heart failure after pressure 

overload by transverse aortic constriction and severe obstructive hydrocephalus with 

enlargement of the lateral and third ventricles [164]. Moreover, complete RhoE knockout 

mice die at embryonic stage E10-E12.5 of heart failure [174].  
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We hypothesised that T231M RhoE mutation, as well as RhoE deplet ion, leads to loss of 

RhoE-dependent control of RhoA activity, leading to increased actin stress fibre 

formation and integrin activity. In this chapter we investigated the effect of RhoE on cell 

proliferation, cell migration and cell-ECM adhesion. To determine how RhoE could 

regulate cell proliferation, cell adhesion and motility, the role of RhoE in regulation of 

1 integrin activity and RhoE complex formation with known binding partners, TAOK 

and NICD, was investigated. 
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3.2 Results 

 

3.2.1 Generation of RhoE overexpression/knockdown cells. 
 

In order to study the potential changes to cell behaviour in response to RhoE, HDF were 

used. Parental HDF were infected with lentiviral particles to establish stable cell lines 

expressing GFP only (control), wild-type RhoE-GFP (GFP-RhoE-WT) and T231M 

mutated RhoE-GFP (GFP-RhoE-T231M). To further enable the effect of RhoE depletion, 

HDF were transfected with a transient CRISPR-Cas9 expression plasmid containing a 

GFP reporter and a guide RNA (gRNA) targeting endogenous RhoE to generate knockout 

cell lines (CRISPR1, CRISPR2) followed by Fluorescence-activated cell sorting (FACS) 

to select for GFP expression. Cells were then grown as bulk populations and the 

efficiency of knockout was established by the analysis of RhoE gene transcr ipt levels by 

reverse transcription and polymerase chain reaction (RT-PCR) amplification. GAPDH 

was used to normalize transcript levels (Figure 3.1A). A near complete removal of RhoE 

mRNA was demonstrated in RhoE-CRISPR cells compared to parental cells. The 

expression of GFP, GFP-RhoE-WT, and GFP-RhoE-T231M as well as the efficiency of 

RhoE CRISPR were validated in these cell lines by western blotting using antibodies to 

RhoE (Figure 3.1B). Data confirmed that WT and T231M RhoE were expressed at similar 

levels, whilst endogenous RhoE was not detectable in CRISPR cell lines.  

 

In order to determine the subcellular localisation of WT vs T231M RhoE, cells were 

plated on coverslips, allowed to grow for 24 hours, fixed, and stained with phalloidin to 

visualise F-actin and DAPI. Images were acquired using an inverted point-scanning 

confocal microscope and demonstrated that GFP was predominantly localised to the 

nucleus with diffuse cytoplasmic staining, whereas both WT and T231M RhoE localised 

to the cytoplasm, with perinuclear and vesicular localisation visible in both cells (Figure 

3.1C).  Endogenous RhoE appeared to be similarly distributed to GFP-tagged RhoE 

constructs in HDF, while RhoE expression was not observed in CRISPR cell lines (Figure 

3.1 D). 
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Figure 3.1: Generation of RhoE overexpression/knockdown cells.  

(A) Human dermal fibroblasts were transfected with CRISPR/Cas9 construct and FACS 

sorted to select for GFP expression. RhoE expression was analyzed by RT-PCR. 

(B) Parental HDF cells and HDF cells expressing GFP, GFP-RhoE-WT or GFP-RhoE-

T231M and CRISPR RhoE were grown for two days. Lysates were subjected to western 

blot and probed for RhoE (top) or HSC70 as a loading control (bottom). 

(C) Representative confocal images of overexpression of GFP, GFP-WT or T231M RhoE 

(green) in human dermal fibroblasts, fixed and stained for phalloidin (magenta) and DAPI 

(blue). Scale bars – 30µm. (D) Representative confocal images of parental or CRISPR 

cells fixed and stained for RhoE (green), phalloidin (magenta) and DAPI (blue). Scale 

bars – 30µm. 
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3.2.2 Expression of T231M RhoE does not alter endogenous RhoE 

stability 
 

Given that the identified mutation in dermatofibroma patients in RhoE was heterozygous, 

we firstly determined whether expression of T231M RhoE influenced endogenous RhoE 

protein synthesis and stability, by ubiquitination and degradation, as a potential 

mechanism to control fibrogenesis. Parental HDF and cells expressing GFP, GFP-RhoE-

WT or GFP-RhoE-T231M were treated for up to 48 hours with a proteasomal inhibitor, 

MG132, or the protein synthesis inhibitor cycloheximide with DMSO as a control. 

Lysates were collected and subjected to western blot and probed for antibodies against 

RhoE (Figure 3.2A, C). Quantification of bands from multiple western blots 

demonstrated that RhoE expression is increased equally in all cell lines following 

treatment with MG132 compared to DMSO controls (Figure 3.2B). Similarly, analysis of 

RhoE levels in cells treated with cycloheximide demonstrated a reduction of RhoE 

expression in all cell lines by 12 hours with further significant reductions seen 24 hours 

post-treatment (Figure 3.2D). These data suggest that the degradation of endogenous 

RhoE occurs via the ubiquitin proteasomal degradation pathway and that this balance is 

unchanged following expression of exogenous WT or T231M RhoE.  
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Figure 3.2: Expression of T231M RhoE does not alter endogenous RhoE stability.  

(A, C) Expression of endogenous RhoE in lysates of DMSO or proteasomal inhibitor 

MG132 (A) or protein synthesis inhibitor cycloheximide (C) treated parental human 

dermal fibroblasts, or those expressing GFP, GFP-WT, or T231M RhoE assessed by 

western blotting. Cells were treated with 10µm of MG132 for 8 hours and of 

cycloheximide for 12 hours or 24 hours. HSC70 was used as a loading control.  (B, D) 

Quantification of western blots of endogenous RhoE expression levels in MG132 or 

cycloheximide treated cells normalised to HSC70 loading control. Means +/- SEM are 

shown. N=4 independent experiments. Statistical analysis performed by 2-way ANOVA. 

*=p<0.05. 
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3.2.3 RhoE knockdown and expression of T231M RhoE leads to 

increased proliferation in 2D 

 
RhoE has previously been shown to be involved in cell cycle progression in other cell 

types [200]. To determine whether this was also the case in human dermal fibroblasts, 

proliferation was analysed in parental cells and those expressing GFP, GFP-RhoE-WT, 

or GFP-RhoE-T231M and RhoE CRISPR cells. Equal numbers of cells were plated, 

allowed to grow and fixed at 24 hours, 48 hours, and 72 hours post-plating followed by 

staining with DAPI. Cells were then analysed by tile scans using a fluorescent microscope 

and the number of DAPI positive nuclei per well counted.  

 

Data demonstrated a significant increase in proliferation in GFP-T231M RhoE-

expressing cells after 72 hours compared to GFP and GFP-WT RhoE expressing cells 

(Figure 3.3A). RhoE CRISPR cells showed a significant increase in proliferation 

compared to parental cells at 48 hours and 72 hours post-plating (Figure 3.3A). To 

confirm that this was due to loss of RhoE and not another off-target effect of CRISPR, 

CRISPR cells were stably infected with WT RhoE to generate GFP-RhoE-WT rescued 

cells and proliferation was analysed as in Figure 3.3B. No significant difference was seen 

between WT-RhoE and WT-RhoE rescued cells, whereas CRISPR cells showed 

significantly higher proliferation compared to controls as seen in Figure 3.3A.  

 

To determine whether acute depletion of RhoE also impacted proliferation, cells were 

transfected with control siRNA or siRNA targeting RhoE and analysed by western 

blotting to determine the efficiency of knockdown at 24 hours, 48 hours, and 72 hours. 

The resulting blots demonstrated efficient knockdown of RhoE was achieved at 24 hours 

post-transfection and this was maintained over 72 hours (Figure 3.3C). Cells were then 

subjected to proliferation analysis and resulting data revealed the significant increase  in 

growth of RhoE siRNA cells compared to siControl treated cells (Figure 3.3D) in 

agreement with effects seen in RhoE CRISPR cells. These data demonstrate that depleting 

RhoE or expressing the T231M RhoE mutant promotes dermal fibroblast proliferation.  
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Figure 3.3: RhoE knockdown and expression of RhoE T231M increases 

proliferation in 2D. 

(A) Equal numbers of parental cells and those expressing GFP, GFP-RhoE-WT or GFP-

RhoE-T231M and RhoE CRISPR were plated and fixed at 24 hours, 48 hours and 

72 hours. Nuclei were stained with DAPI and fold proliferation was determined. (B) 

Equal numbers of parental, RhoE CRISPR and CRISPR re-expressing GFP-RhoE-WT 

cells were plated and cell numbers analysed over time. (C) RhoE knockdown cells were 

generated using siRNA pool and analysed by western blotting to determine the efficiency 

of knockdown at 24 hours, 48 hours and 72 hours post-plating. GAPDH shown as a 

loading control. (D) Quantification of fibroblast cell count treated with control or RhoE 

siRNA for up to 72 hours. n = 3 wells per cell line. N=3 independent experiments. A 

representative quantification from one experiment is shown. Data is shown as mean +/-

SEM. Statistical analysis performed by 2-way ANOVA. *=p<0.05, ***=p<0.001, 

****=p<0.0001. 
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3.2.4 Expression of RhoE T231M or RhoE CRISPR reduces migration 

speed and directionality in 2D 

Migration of dermal fibroblasts can contribute to fibrogenesis through enhanced 

recruitment of cells to a wounded or inflamed area. To determine whether overexpression 

or depletion of RhoE alters cell migratory behaviour, parental HDFs or those expressing 

GFP, GFP-RhoE-WT or GFP-RhoE-T231M, or RhoE CRISPR knockouts were plated in 

12-well plates and imaged for 8 hours using phase contrast time-lapse microscopy (Figure 

3.4A). Only cells that did not form cell-cell adhesions were analysed as shown in the 

example images from the phase-contrast time-lapse movie. Cells were then tracked over 

time with speed and directionality of migration calculated for all cell lines. The resulting 

analysis demonstrated that migration speed was significantly reduced in RhoE CRISPR 

cells and RhoE T231M cells. (Figure 3.4B). Migration directionality was unchanged 

between different cell lines (Figure 3.4C). These data demonstrate that RhoE T231M 

mutation, as well as depletion of RhoE, leads to reduced migration speed.  
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Figure 3.4: Expression of RhoE T231M or RhoE depletion reduces migration speed 

on 2D. 

(A) Representative images of tracked parental (black – HDF), GFP-only (red), GFP-

RhoE-WT (green), GFP-RhoE-T231M (magenta), and CRISPR 1 (orange) cell lines 

fibroblasts on 2D surfaces. Cells were cultured for 24 hours followed by time-lapse 

imaging for 16 hours. Cells were tracked using the manual tracking plugin on ImageJ. 

The dot represents the location of the cell and the tail is the track. (B-C) The speed (B) 

and the directionality (C) of cells were determined. n=30 cells per a cell line. A 

representative quantification from one experiment is shown. Box and whisker plots show 

mean and min/max values. Statistical analysis performed by one-way ANOVA. *=p<0.05, 

**=p<0.01. 
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3.2.5 RhoE depletion increases RhoA activity 

RhoE has previously been shown to inhibit RhoA-mediated ROCK signalling and reduce 

stress fibre formation, which can contribute to cell migration [184]. To determine whether 

RhoA activity was altered in the panel of cells used in this study, parental, GFP, GFP -

RhoE-WT, or GFP-RhoE-T231M and RhoE CRISPR cells were grown for 2 days, then 

lysed and analysis using western blot analysis and G-LISA assay to examine differences 

in RhoA levels and activity respectively. Western blot analysis showed no change in 

RhoA levels between cell lines (Figure 3.5A). RhoA G-LISA assays were performed with 

data normalised to parental controls (Figure 3.5 B). Data showed a trend towards higher 

levels of RhoA activity in RhoE-T231M cells with a significant increase in active RhoA 

between HDF and RhoE CRISPR cells. These data agree with previous studies showing 

that RhoE functions by inhibiting RhoA [12, 14] but suggests that the T231M RhoE 

mutation does not play a key role in controlling RhoE-dependent RhoA function.  

 

Figure 3.5: RhoE depletion increases RhoA activity. 

(A) Parental HDF cells and HDF cells expressing GFP, GFP-RhoE-WT or GFP-RhoE-

T231M and CRISPR RhoE were grown for two days. Lysates were subjected to western 

blot 48 hours after transfection and probed for RhoA, RhoE or HSC70 as a loading 

control. The positions of molecular mass markers (kDa) are indicated to the left and the 

proteins that were indicated are shown on the right. (B) Human dermal fibroblasts, 

overexpressing GFP, GFP-WT, or T231M RhoE and RhoE knockout fibroblasts were 

cultured for 2 days. The lysate was extracted from cells and the RhoA activity was 

measured by G-LISA Kit. The level of activated RhoA-GTP measured by absorbance at 

490 nm. A pooled data from 3 experiments presented. N=3 independent experiments. Data 
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is shown as mean +/-SEM. Statistical analysis performed by one-way ANOVA. 

*=p<0.05. 

3.2.6 RhoE depletion increases stress fibre alignment 

To further investigate the potential role of RhoE T231M mutation on stress fibre 

formation, parental HDF and those expressing GFP, GFP-RhoE-WT or GFP-RhoE-

T231M and RhoE CRISPR were grown overnight, fixed and stained with phalloidin and 

imaged using an inverted point-scanning confocal microscope (Figure 3.6 A). The 

number and alignment of stress fibres per cell was analysed using the FSegment and 

OrientationJ plugins respectively. Data demonstrated that stress fibre number was similar 

across all cell lines (Figure 3.6B), however further analysis of organisation revealed a 

significant increase in alignment between parental and RhoE CRISPR cells (Figure 3.6C). 

These data suggest that enhanced active RhoA in RhoE CRISPR cells induces stress fibre 

alignment, and that expression of T231M RhoE does not alter organisation of F-actin 

structures.   
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Figure 3.6: RhoE depletion increases stress fibre alignment.  

(A) Example of confocal images of HDF, GFP, GFP-WT or T231M RhoE and RhoE 

CRISPR cells fixed and stained for phalloidin (top panels). Bottom images show angular 

direction of the actin stress fibres. Dark blue indicates a direction toward the top-right 

edge of the scale, red indicates the vertical direction - towards the top or the bottom (+-

90∘), and yellow-green indicates the bottom-left direction (-45∘). All angular directions 

represent projections within the 2D perspective. Scale bars - 50 µm. (B) The number of 

stress fibres was quantified using the Fsegment MATLAB plugin. (C) The coherency of 

stress fibres of the cells were determined using the OrientationJ FIJI plugin. N=3 

independent experiments. n=25-40 per experiment. Data is shown as mean +/-SEM. 

Statistical analysis performed by one-way ANOVA. *=p<0.05.  
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3.2.7 RhoE localises to stress fibres and this is reduced by T231M 

mutation  
 

RhoE has been shown to primarily localise to the cytosol and plasma membrane, while 

unphosphorylated RhoE is observed at internal membranes [2, 12]. Phosphorylation of 

RhoE by ROCK1 and PKCα promotes RhoE-14-3-3 binding, which then translocates 

RhoE from membrane to cytoplasm and prevents RhoE signalling. Overexpression of 

RhoE can induce loss of stress fibres in several type of cells [201] and actin stress fibres 

disassemble following serum starvation [202] but can be reverted to stress fibres seen 

under normal growth conditions upon serum addition [200]. Moreover, RhoE does not 

need to associate with membranes to increase stress fibre formation. For example, it can 

affect the actin cytoskeleton by increasing RhoB expression [157]. RhoE can also localise 

in cell-cell junctions in epithelial-like cancer cells [203].  

 

To determine whether RhoE localisation changed upon loss or re-assembly of stress 

fibres, cells were infected with Lifeact-mScarlet (a reporter of F-actin) by lentiviral 

transduction to generate double expression cell lines for analysis. These cells were then 

plated in imaging chambers and starved overnight, while in some wells media was 

changed to include 10% serum to stimulate followed by live cell imaging using confocal 

microscopy. Cells were imaged at time point 0 hours, under starvation conditions and an 

hour after changing media to determine response to serum (Figure 3.7A). The resulting 

images were then analysed for RhoE distribution. Interestingly, we noted some 

localisation of RhoE to stress fibres themselves, and so scored subsequent images for 

RhoE localisation to either stress fibres, peripheral plasma membrane or the cytoplasm 

(Figure 3.7B-E). Data demonstrated that ~20% of cells showed WT RhoE localisation to 

stress fibres, cell periphery or in the cytoplasm and the addition of serum had no 

significant effect on the localisation of WT RhoE distribution (Figure 3.7  B-E). T231M 

RhoE showed significantly reduced localisation to stress fibres (Figure 3.7B, E) and 

increased cytoplasmic levels (Figure 3.7D) upon addition of serum compared to WT 

RhoE. These data suggest that T231M RhoE shows different response to serum resulting 

in altered subcellular localisation. 
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Figure 3.7: RhoE localises to stress fibres and this is reduced by T231M mutation. 

(A) Example confocal images of serum starved and after adding serum live fibroblasts 

stably expressing live fibroblasts stably expressing GFP, GFP-WT or T231M RhoE and 

lifeact-mScarlet. Scale bars 50 µm. (B-E) Quantification of RhoE-GFP localisation in 

WT and T231M RhoE expressing cells. Examples are shown on a top left. Percentage of 

cells were calculated for RhoE localisation to (B) stress fibres (C) cell periphery, (D) 

cytoplasmic or (E) concurrent stress fibres and periphery. Inset panels show examples of 

each phenotype. Means +/- SEM are shown. N=3 independent experiments. n=30 cells 

per condition from two independent experiments. Statistical analysis performed by 2 -way 

ANOVA. *=p<0.05, ns = not statistically significant.  
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3.2.8 RhoE mutant OE/KO leads to increased adhesion to ECM  
 

Expression of RhoE has previously been shown to reduce focal adhesion assembly 

through negative regulation of RhoA-induced stress fibres and subsequently reduced 

adhesion of cells to ECM proteins [160]. To analyse potential contributions of RhoE 

T231M mutation to cell adhesion, parental, GFP, GFP-RhoE-WT, GFP-RhoE-T231M and 

RhoE CRISPR cells were plated on coverslips coated either with Collagen I or 

Fibronectin and allowed to adhere for 2 hours, followed by fixation and staining with 

DAPI. Cells were then analysed by tile scans using a widefield fluorescent microscope 

and the number of DAPI positive nuclei per well counted. Data demonstrated a significant 

increase in adhesion in both T231M RhoE expressing cells and RhoE CRISPR cells 

(Figures 3.8A,B). To determine whether acute depletion of RhoE induced a similar pro -

adhesive phenotype, cells were treated with control or RhoE-specific siRNA and 

subjected to the same adhesion analysis to either Collagen I (Figure 3.8C) or Fibronectin 

(Figure 3.8D). The resulting data revealed a significant increase in number of adhered 

RhoE siRNA cells compared to siControl treated cells to both Collagen I and Fibronectin, 

in agreement with the data seen in RhoE CRISPR cells (Figures 3.8C,D). These data 

suggest that T231M RhoE and depletion of RhoE both induce a significant increase in 

fibroblast adhesion to ECM. 
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Figure 3.8: Expression of T231M RhoE and RhoE CRISPR leads to increased cell 

adhesion to ECM. 

(A-B) Equal numbers of parental, GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE 

CRISPR were plated on Collagen I- or Fibronectin-coated surfaces and left to adhere for 

2 hours. Cells were fixed and stained with DAPI followed by tile scan acquisition and 

automated nuclei counting analysis. Number of adhered cells to either Collagen I (A) or 

Fibronectin (B) are shown. N=3 independent experiments. n=4 wells per a cell line. Data 

shown as mean +/-SEM. Statistical analysis performed by 2-way ANOVA. *=p<0.05, 

***=p<0.001. (C-D) HDFs were transfected with either the siControl RNA or siRhoE. 24 

hours later, equal numbers of cells were plated on Collagen type I or Fibronectin and left 

to adhere for 2 hours. Cells were fixed and stained with DAPI. Tile scans of each well 

were taken followed by automated nuclei counting quantification. N=3 independent 

experiments. n=4 wells per a cell line. Data shown as mean +/-SEM. Statistical analysis 

performed by t-test. **=p<0.01,  ****=p<0.0001. 

 

 

3.2.9 Overexpression or knockdown of RhoE does not change total 1 

integrin levels 
 

1-integrins are the key receptor family in fibroblasts mediating cell-matrix interactions 

and are important in the dynamic regulation of cell adhesion and migration. As data in 

the previous figure demonstrated, enhanced adhesion in cells expressing T231M RhoE or 
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depleted of RhoE, analysis was carried out to determine if this was due to changes in 

levels of total 1 integrins. Parental HDF, GFP, GFP-RhoE-WT or GFP-RhoE-T231M 

and RhoE CRISPR cells were lysed and subjected to western blotting, followed by 

probing with antibodies against total 1 integrins (Figure 3.9A). Densitometry analysis 

demonstrated no significant difference in 1 integrin expression levels across all of the 

cell lines (Figure 3.9B). These data suggest that manipulation of RhoE does not change 

expression levels of 1 integrins. 

 

 

Figure 3.9: RhoE overexpression / knockdown does not change total 1 integrin 

levels. 

(A) Representative western blot of lysates from HDF, GFP, GFP-RhoE-WT or GFP-

RhoE-T231M and RhoE CRISPR cells probed for total 1 integrin or HSC70 as a loading 

control. The positions of molecular mass markers (kDa) are indicated to the left and the 

proteins that were indicated are shown on the right. (B) Densitometry analysis of total 1 

integrin relative expression levels normalised to HSC70 loading control and to parental 

HDF. Means +/- SEM are shown. N=4 independent experiments. Statistical analysis 

performed by one-way ANOVA. 
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3.2.10 Expression of RhoE T231M and RhoE knockout leads to 

increased active 1 integrins 
 

Given that previous figure showed no change in total 1 integrin levels in T231M RhoE 

and RhoE CRISPR cells, we postulated that the enhanced adhesion in these cells may be 

instead due to increased activation of 1 integrins. To test this, parental HDF, GFP, GFP-

RhoE-WT, or GFP-RhoE-T231M, and RhoE CRISPR cells were plated on Fibronectin-

coated coverslips and grown overnight, fixed and stained with an antibody, 12G10, that 

specifically recognises active human 1 integrins. Images were acquired on confocal 

microscope, scanning slices of cell attachment to the substrate surface with the same 

acquisition settings across all cell lines (Figure 3.10A). The intensity of 1 integrins was 

measured using FIJI software (Figure 3.10B, C). Analysis revealed that both GFP-RhoE-

T231M and RhoE CRISPR cells showed a significant increase in active 1 integrin levels 

compared to parental cells (Figure 3.10B). To confirm that the effects seen in RhoE 

CRISPR cells were not due to off-target CRISPR effects, cells re-expressing GFP-RhoE-

WT were stained for active 1 integrins. Data further demonstrated that the enhanced 

levels of active 1 integrins in RhoE CRIPSR cells were reduced to levels observed in 

parental cells upon re-expression of WT RhoE (Figure 3.10D). These data show that 

expression of T231M RhoE and RhoE depletion by CRISPR promote the activity of 1 

integrins. 
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Figure 3.10: Expression of RhoE T231M and RhoE knockout leads to increased 

active 1 integrins. 

(A) Representative confocal images of parental HDF, GFP, GFP-RhoE-WT or GFP-

RhoE-T231M and RhoE CRISPR cells grown for 24 hours, fixed and stained for 𝛽1 active 

integrin (12G10, magenta top, greyscale below), F-actin (cyan) and DAPI (blue). Scale 

bars - 50 µm. (B-D) Quantification of 𝛽1 integrin intensity per cell. n=25-30 cells per 

condition. N=3-4 independent experiments. A representative quantification from one 

experiment is shown. Data is shown as mean +/-SEM. Statistical analysis performed by 

one-way ANOVA in B and D and by t-test in C. *=p<0.05, **=p<0.01, ***=p<0.001. 
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3.2.11 T231M RhoE alters association with known binding 

partners 
 

RhoE has previously been shown to reduce cell proliferation by binding to and decreasing 

NICD protein ubiquitination and thus proteasome degradation in vitro and in vivo [7] 

[19]. Moreover, NICD acts as a responder to extracellular signals, promotes cell adhesion 

and differentiation, while also suppressing proliferation [204]. To determine whether 

T231M RhoE mutation affected RhoE-NICD association, and thereby proliferation or 

adhesion, GFP-trap analysis was performed on lysates from cells expressing GFP, GFP-

RhoE-WT, and GFP-RhoE-T231M. Resulting complexes were then resolved by western 

blot and subsequently probed with antibodies against NICD (Figure 3.11A). 

Densitometric quantification of GFP traps showed that NICD association with T231M 

RhoE was significantly reduced compared to WT RhoE (Figure 3.11B) .  

 

RhoE has also been shown to associate with, and be phosphorylated by, TAOK1 

contributing to mitotic cell rounding, spindle positioning and cytokinesis [190]. To 

determine whether TAOK association was also disrupted, the same GFP-trap analysis was 

performed on cells expressing GFP, GFP-WT RhoE and GFP-T231M RhoE. Protein 

complexes were then resolved by western blot and subsequently probed with antibodies 

against TAOK1 (Figure 3.11C). Analysis revealed that levels of TAOK1 in complex with 

T231M RhoE were significantly increased compared to WT RhoE (Figure 3.11D). These 

data suggest that T231M mutation changes the formation of complexes between RhoE 

and NICD or TAOK1 which may play a role in the observed differences in adhesion or 

proliferation rates in T231M RhoE expressing cells.  
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Figure 3.11: T231M RhoE alters association with known binding partners.  

(A), (C) Soluble protein extracts from GFP (control), GFP-WT RhoE or GFP-T231M 

RhoE cells were subjected to GFP-Trap analysis. Complexes were probed for known 

RhoE binding partners - NICD (A) or TAOK1 (C). The positions of molecular mass 

markers (kDa) are indicated to the left. (B), (D) Quantitative analysis of NICD (B) and 

TAOK1 (D) relative binding. N=3 independent experiments. Data is shown as mean +/-

SEM. Statistical analysis performed by Students t-test. *=p<0.05, ***=p<0.001.  

 

 

3.2.12 T231M RhoE shows reduced RhoE serine/threonine residue 

phosphorylation 
 

RhoE activity can be controlled by phosphorylation at multiple sites by TAOK and 

ROCK, as well as by PKCα and 14-3-3 proteins [186]. T231 is not a known 

phosphorylation site but resides within the active region of RhoE C-terminus adjacent to 

the CAAX motif [199]. The CAAX motif is a crucial signal needed for these proteins to 

be post-translationally modified by isoprenylation, a permanent modification required for 

correct subcellular localisation and for biological activity. To determine whether the 

T231M mutation led to RhoE phosphorylation, cells expressing GFP, GFP-RhoE-WT and 

GFP-RhoE-T231M were treated with the TAOK and ROCK inhibitors (Cpd43 and 

GSK269962 respectively) and DMSO as a control. Cell lysates were collected, incubated 

with GFP-Trap beads and resulting complexes were subjected to western blot analysis. 
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Membranes were subsequently probed with antibodies to detect all phosphorylated serine 

(Figure 3.12A). Densitometry quantification of the amount of pSer-RhoE showed 

increased levels in T231M RhoE compared to WT RhoE (Figure 3.12B). Densitometric 

analysis of bands from lysates treated with inhibitors further demonstrated that increased 

phosphorylated serine levels observed in T231M RhoE cells were reduced by both ROCK 

and TAOK inhibition (Figure 3.12C). These data suggest that T231M RhoE exhibits 

higher levels of ROCK and TAOK-dependent pSerine modification. 

 

 

Figure 3.12: T231M RhoE shows increased RhoE serine/threonine 

phosphorylation. 

(A) Lysates from GFP, GFP-RhoE WT or GFP-RhoE T231M fibroblasts pre-treated for 

30 minutes with either DMSO, TAOK inhibitor or ROCK inhibitor (both at 10 𝜇M) and 

subjected to GFP-Trap analysis with complexes probed with antibodies to detect total 

serine phosphorylation. The positions of molecular mass markers (kDa) are indicated to 

the left. (B-C) Densitometry quantification of the amount of phosphorylated serine pulled 

down in cells relative to control wild-type conditions in growth media (B) or cells treated 

with specified inhibitors (C). N=3 independent experiments. Data is shown as mean +/-

SEM. Statistical analysis performed by 2-way ANOVA. *=p<0.05.  
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3.3 Discussion 
 

RhoE is known to be involved in the regulation of cytoskeletal dynamics, cell cycle 

progression and migration, although the RhoE-dependent phenotype reported varies 

depending on cell type [205]. RhoE expression is also associated with integrin-based 

adhesion and resistance to apoptosis [206]. The goal of this chapter was to characterise a 

mutant form of RhoE (T231M) identified in a pedigree of patients with DF and compare 

phenotypes of HDFs expressing this mutant with those expressing WT RhoE, or where 

RhoE had been depleted using CRISPR. The T231M mutation in RhoE has never been 

characterised before and the potential contribution of mutant RhoE to a pro-fibrotic 

phenotype remains unknown, so these were important first steps to determine whether 

this mutation may play a role in the disease phenotypes.  

 

RhoE is regulated by gene expression, protein stability, post-translational modifications, 

and protein interactions as opposed to cycles of GTP/GDP loading. Protein stability and 

ubiquitination were unchanged between WT RhoE and T231M RhoE (Figure 3.2). 

However, expression of mutant RhoE and RhoE CRISPR both led to increased rates of 

proliferation (Figure 3.3), although T231M RhoE-induced proliferation changes were 

more modest than those seen in RhoE CRISPR cells. Previous reports have suggested 

different roles for RhoE in controlling proliferation. One study has shown that RhoE 

blocks G1 phase cell cycle progression and therefore inhibits cell proliferation, 

contradicting to overexpression of RhoE in squamous cell carcinoma and colorectal 

cancer that are promoting cancer cell growth [23–25]. The finding that E7, E1A, and 

cyclin E are all able to promote cell proliferation in RhoE-expressing cells confirms that 

RhoE mediated G1 arrest can be overcome by signals that bypass the pRb-mediated 

restriction point [161]. pRb is a retinoblastoma protein that is responsible to prevent 

excessive cell growth by inhibiting cell cycle progression. A further study has suggested 

that removing RhoE has no impact on proliferation of several cancer cell lines or primary 

fibroblasts [27, 28], suggesting that the activity of RhoE is highly context-dependent. 

Conversely, inhibition of proliferation by depletion of RhoE has been demonstrated in 

non–small cell lung cancer and hepatocellular carcinoma cell lines [192] It has also been 

shown that RhoE is a novel substrate of chaperone-mediated autophagy (CMA), and its 

accumulation could partly account for the impaired proliferation caused by CMA 

blockade [211]. These data suggest that the T231M mutation leads to loss of function of 
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RhoE in this phenotypic context as cells behave similarly to RhoE CRISPR. This suggests 

that both can promote proliferation. 

 

RhoE depletion and T231M RhoE expression in HDF also led to reduced migration speed 

on 2D surfaces (Figure 3.4B). WT RhoE overexpression can induce the loss of actin stress 

fibres and focal adhesions leading to enhanced cell migration via inhibition of ROCK 

and/or activation of p190RhoGAP [161]. Alternative pathways have also been proposed 

including binding of the Plexin B2 receptor to RhoE which competes for RhoE-

190RhoGAP binding thereby inducing RhoGEF-dependent activation of  RhoA leading 

to cortical neuron migration [212]. Interestingly however, data in this chapter 

demonstrated that only RhoE CRISPR cells, but not RhoE T231M-expressing cells 

showed increased active RhoA (Figure 3.5) and enhanced stress fibre alignment (Figure 

3.6C). This suggests that T231M RhoE can phenocopy loss of RhoE in terms of 

proliferation and migration phenotypes but without significantly changing RhoA 

activation, suggesting alternative pathways may be in play in the T231M RhoE-

expressing cells through altered RhoE localisation or binding partners. It is also important 

to note that the T231M RhoE is expressed in a background of endogenous WT RhoE in 

this thesis, to recapitulate the situation in the heterozygous mutation in the DF patient 

pedigree. The changes to cell phenotype upon overexpression of this mutant may also 

therefore imply that T231M RhoE can act dominantly over endogenous RhoE to elicit 

these effects.  

 

Analysis of live human dermal fibroblasts showed that WT RhoE localises to stress fibres, 

cell periphery and the cytoplasm and that the T231M mutation results in a shift to higher 

cytoplasmic and lower stress fibre localisation (Figure 3.7). Phosphorylated RhoE 

localises to the cytoplasm and correlates with stress fibre disruption and inhibiting Ras 

induced transformation, as well as cell rounding [207]. RhoE is also farnesylated and can 

localise to the Golgi apparatus [182]. Phosphorylation of multiple RhoE N- and C-

terminal sites by ROCK1 and PKCα leads to RhoE-14-3-3 binding, which then induces 

translocation of RhoE from plasma membranes to the cytosol. ROCKs and most PKC 

isoforms localise predominantly on membranes when they are active, thereby bringing 

them near de-phosphorylated RhoE to permit activation. Notably, phosphorylation of 

RhoE by PKCα at Ser240 alone is not sufficient to translocate RhoE [199]. It is possible 

that increased cytoplasmic localisation of T231M RhoE may correlate with higher 
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phosphorylation of this mutant by ROCK/PKCα and thus explain the findings presented 

here. A key target for RhoE on membranes is p190RhoGAP, which leads to 

downregulation of RhoA and hence loss of stress fibres and cell rounding [213]. 

Previously, it has been shown that disruption of RhoE-ROCK I complex abolishes RhoE 

phosphorylation, but not its ability to disassemble stress fibres [198]. This would agree 

with the data shown here indicating no change in RhoA activation in the T231M RhoE 

mutant expressing cells (Figure 3.5) and further implies that alternative binding partners 

or pathways are responsible for phenotypic changes. This possibility will be explored 

further in chapter 5.  

 

Phosphorylation of RhoE C-terminal sites by TAOK relocates RhoE to the cytosol to 

trigger mitotic cell rounding, spindle positioning and cytokinesis. Interestingly, a 

previous study has identified that miR706 can act to suppress TAOK1 expression through 

binding to the 3’ untranslated region, leading to reduced fibrosis in the liver [191]. This 

may imply involvement of TAOK, potentially through RhoE as a substrate, in mediating 

fibrogenesis. As data in this chapter showed high TAOK1 association with T231M RhoE 

vs WT RhoE (Figure 3.11), this may further imply association between these two proteins 

in promoting fibrotic disease. Overall, the data suggest that T231M RhoE mutation can 

promote TAOK binding to increase pSer RhoE (Figure 3.12) which may alter RhoE 

function leading to altered signalling and phenotypic changes.  

 

Data presented in this chapter demonstrates that cells expressing T231M RhoE or where 

RhoE is knocked out exhibit higher levels of active 1 integrins (Figures 3.8 and 3.10). 

Integrins mediate cell-ECM adhesion and control cell-matrix signaling at focal adhesions 

to mediate cell cycle progression and migration. Rac and RhoA GTPases control cell 

cycle through different downstream mechanisms and they are activated by 1 and 3 

integrin-mediated adhesion, respectively [214]. RhoA regulates the cell cycle via actin 

stress fibre assembly and subsequent cell shape changes [215]. A previous study showed 

that the regulation of RhoA activity by E-cadherin-dependent expression of DDR1 at cell-

cell junctions of cancer cells requires the localisation of RhoE in these junctions [203]. 

RhoE suppresses ROCK-driven actomyosin contractility and stabilises cell-cell contacts 

and promotes expression of 1 integrins [216]. Data presented here show that total 1 

integrin levels in HDF were unchanged upon RhoE manipulation (Figure 3.9). However, 
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RhoE has been demonstrated to induce formation of paxillin-containing focal adhesions 

in endothelial cells. Moreover, RhoE activation in keratinocytes reduces integrin 

adhesion, and, therefore induce migration [217]. Data shown here would agree with this 

and again suggest that T231M phenocopies the loss of RhoE in HDF. Again, this would 

further suggest that these phenotypes are independent of RhoE-dependent changes to 

RhoA activation as there were no changes in its activity (Figure 3.5). 

 

Fibroblasts are to the key cell type involved in production and remodelling of ECM. They 

also mediate the pathological fibrotic accumulation of ECM and cellular proliferation and 

morphogenesis. Data presented in this chapter shows that RhoE depletion, as well as 

T231M mutation, led to increased proliferation and reduced migration (Figures 3.3 and 

3.4). These phenotypes have also been shown to promote ECM deposition by fibroblasts 

and therefore promote fibrosis. For example, inhibition of fibroblast proliferation 

suppresses collagen synthesis by fibroblasts and reduces collagenase and MMP secretion 

[218]. A recent study further showed that increased ECM alignment leads to enhanced 

migration speed and elongated morphology thereby more aligned cytoskeleton structure 

via focal adhesions [219]. In cancer-associated fibroblasts, increased assembly of matrix 

with more orientated fibres leads to enhanced directional migration mediated by αv 

integrins [220]. This may suggest that loss of RhoE or the T231M RhoE mutant could 

lead to changes in ECM organisation or deposition through activation of integrins, leading 

to establishment of a pro-fibrotic environment. These possibilities will be further 

explored in the next chapter.  

 

In summary, data presented in this chapter have revealed that the T231M RhoE mutation 

phenocopies the depletion of RhoE in adhesion, migration, and proliferation, but these 

appear to be independent of RhoE-dependent changes to RhoA activation. Experiments 

in the next chapter will explore potential RhoE binding partners that mediate these effects 

and determine whether these phenotypes relate to changes in ECM deposition or 

organisation. 
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4 Characterising the role of 

RhoE in ECM synthesis and 

organisation 
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4.1 Introduction 
 

Benign dermatofibromas are common overgrowths of fibrous tissue composed of 

proliferating fibroblasts situated in the dermis, however, DF very rarely metastasises 

[221]. Fibrosis is the replacement of functional connective tissue with excessive collagen-

rich ECM by dermal myofibroblasts, potentially as a result of mutation, recurrent injury 

and/or chronic inflammation, resulting in perpetual fibroblast activation. This  causes the 

formation of permanent scar tissue which can severely affect patient quality of life.  

 

ECM alignment is an important parameter in influencing cell morphology, polarity, and 

migratory behaviour in 3D by regulating cell–matrix interactions and has a key role in 

several pathological disorders such as fibrosis and tumour growth. For example, breast 

tumourigenesis induces collagen cross-linking, matrix stiffening, and increased focal 

adhesions and, can modulate tissue fibrosis [222]. Similarly, idiopathic pulmonary 

fibrosis is associated with higher fibre alignment and an increased density of the ECM 

[223]. It has also been demonstrated that dermatofibromas and dermatofibrosarcomas 

have more disorganised matrix compared to normal skin [4, 5]. 

 

A hallmark of fibroblasts is that once at the affected site, they can create, repair, and 

remodel the ECM by regenerating component proteins, particularly Collagen I, but also 

Collagens VI, XII, and Fibronectin.  

 

In the previous chapter, the data demonstrated that RhoE plays a role in regulation of β1 

integrin activation. β1 integrins are key mediators of fibroblast adhesion to the ECM. 

Fibronectin has been shown to be a key mediator of fibroblast migration and is required 

for efficient migratory behaviour [226].Fibroblasts use Fibronectin as a primary 

adherence site through integrin binding to the RGD motif [227]. Binding between 

Fibronectin and integrin receptors activates signalling pathways that promote fibroblast 

attachment, migration, and differentiation. Collagen substrate composition is also 

mediated by integrins. Collagen I is a fibrillar protein and is the most abundant form of 

collagen, comprising the key structural formation of several tissues. Mutations in 

Collagen I are associated with connective tissue disease, including Ehlers–Danlos 

syndrome, as well as other types of fibrosis [228]. 
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Collagen XII is the largest member of FACIT family of ECM proteins. Collagen XII binds 

to Collagen I-containing fibrils via its collagenous domain, whereas its large non-

collagenous arms interact with other matrix proteins, such as Tenascin-X. Collagen XII 

mutations cause Myopathic Ehlers-Danlos syndrome associated with skeletal 

abnormalities, muscle weakness or atrophy, and weakened skin in mice and humans 

[229]. The level of type XII Collagen may also affect cell-matrix interactions and matrix 

organisation in the stroma of keratoconus corneas [230].  

 

Collagen VI is known to regulate an injury/repair response and be involved in cell -cell 

interactions and proliferation of mesenchymal cells and to inhibit cell apoptosis, thereby 

promoting fibrogenesis [231]. In the skin, Collagen VI is restricted to the dermis and 

mutations in this ECM protein have been associated with muscle weakness disorders and 

skin abnormalities [46]. 

 

The potential involvement of RhoE in the development of fibrosis has not been previously 

proposed, however, we hypothesised that the T231M RhoE mutation identified in DF 

patients, as well as RhoE depletion, leads to the increase in ECM production or changes 

in ECM organisation leading to fibrogenesis. In this chapter, we used CDM as a 3D model 

to study the potential changes of ECM levels and organisation to investigate whether 

RhoE contributes to ECM production. 
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4.2 Results 

 

4.2.1 RhoE knockdown increases Collagen XII levels 
 

A hallmark of dermatofibromas is increased ECM production. In order to study the 

potential changes of the ECM according to RhoE expression mass spectrometry analysis 

was carried out. Parental HDF or those expressing GFP, GFP-RhoE-WT, or GFP-RhoE-

T231M or RhoE CRISPR were plated in 24-well plates pre-coated with 0.2% (wt/v) 

gelatine, cross-linked with 1% (v/v) glutaraldehyde, and washed with 1 M glycine to 

make CDM. To induce the collagen synthesis and the formation of CDM, cells were 

treated with ascorbic acid every other day for 10 days. CDMs were solubilised at day 10 

using 4 M guanidine hydrochloride, proteins were collected and sent for liquid 

chromatography with tandem mass spectrometry (LC-MS/MS) analysis. Resulting data 

was then analysed and ranked based on the frequency of peptides present in the resulting 

datasets. This analysis demonstrated that RhoE knockdown led to significantly increased 

Collagen XII levels and T231M RhoE expressing cells showed increased Collagen I 

levels (Figure 4.1). Accordingly, Collagen I, Collagen VI, Collagen XII and Fibronectin 

were selected for further analysis as the most predominant ECM proteins expressed in 

these cells. 
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Figure 4.1: RhoE knockdown increases Collagen XII levels.  

Mass-spectrometry analysis of cell derived matrix from parental HDF and HDF 

expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M and CRISPR RhoE and RhoE 

knockdown cells generated using siRNA. Quantifications show the number of peptides 

per protein (PSM) normalised to the total for the whole sample, from 3 samples per cell 

line. Data shown as mean +/-SEM. Statistical analysis performed by 2-way ANOVA. 

*=p<0.05. 
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4.2.2 RhoE knockdown increases Collagen XII levels in cells on 2D 

surfaces 
 

To further investigate the potential role of RhoE on ECM synthesis, parental HDF or 

those expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M, or RhoE CRISPR were 

plated in 6-well plates and allowed to grow for 3 days. Lysates were collected and run on 

a western blot then probed with antibodies against Collagen I, Collagen VI, Collagen XII 

and Fibronectin (Figure 4.2A), as these proteins showed the highest levels in proteomics 

analysis (Figure 4.1). Western blot densitometry analysis showed no change in Collagen 

I, Collagen VI and Fibronectin levels (Figure 4.2A). However, Collagen XII expression 

showed the same pattern as LC-MS/MS analysis that the RhoE depletion significantly 

reduced the Collagen XII expression (Figure 4.2B-E). To investigate whether these 

changes occurred at transcriptional level, parental HDF or those expressing GFP, GFP-

RhoE-WT or GFP-RhoE-T231M or RhoE CRISPR were plated in 6-well plates and 

allowed to grow for 3 days. Analysis of Collagen XII gene transcr ipt levels was then 

conducted using semi-quantitative RT-PCR. GAPDH was used to normalize transcript 

levels (Figure 4.2F). Densitometry analysis demonstrated no significant difference in 

Collagen XII mRNA (Figure 4.2G). These data suggest that RhoE knockdown in cells 

grown on 2D surfaces results in increased expression levels of Collagen XII at protein 

level without altering transcription of this protein.  
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Figure 4.2: Loss of RhoE increases Collagen XII levels.  

(A) Parental HDF cells and HDF cells expressing GFP, GFP-RhoE-WT or GFP-RhoE-

T231M and CRISPR RhoE were grown for 72 hours. Lysates were subjected to western 

blot and probed for Collagen I, Collagen VI, Collagen XII or Fibronectin or HSC70 as a 

loading control. (B-E) The quantifications of Collagen I, Collagen VI, Collagen XII or 

Fibronectin western blot analysis of the ECM proteins relative expression levels 

normalised to HSC70 loading control. (F) Collagen XII mRNA expression was analyzed 

by RT-PCR. (G) Densitometric analysis was performed in stable parental, GFP-only, 

GFP-RhoE, GFP-RhoE-T231M, and CRISPR 2 cell lines. The positions of molecular 

mass markers (kDa) are indicated to the left and the proteins that were indicated are 

shown on the right. Means +/- SEM are shown. N=3-5 independent experiments. 

Statistical analysis performed by one-way ANOVA. *=p<0.05. 
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4.2.3 RhoE does not contribute to ECM protein expression in cells 

within 3D CDM 
 

To study the role of RhoE on ECM synthesis closer to more in vivo-like conditions, 

parental HDF or those expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M, or RhoE 

CRISPR cells were plated in 6-well plates pre-coated with 0.2% (wt/v) gelatin, cross-

linked with 1% (v/v) glutaraldehyde and washed with 1 M glycine and grown for 12 days 

in the presence of ascorbic acid. Cells were extracted and CDMs were then solubilised at 

day 12 and proteins were extracted for further western blot analysis (Figure 4.3A). 

Densitometric analysis of bands from lysates revealed no significant difference in 

Collagen XII expression (Figure 4.3E) as it was seen on 2D, but there was a trend to a 

reduction in WT RhoE cells and an increase in RhoE CRISPR. Densitometric analysis 

revealed no change in Collagen I, Collagen VI and Fibronectin levels (Figure 4.3B-D).  

 

Figure 4.3: RhoE increases Collagen XII levels. 

(A) Parental, GFP-only, GFP-RhoE, GFP-RhoE-T231M, and CRISPR2 fibroblasts were 

grown for 12 days and treated every other day with the ascorbic acid to produce CDM. 

Then cells were extracted, matrix was solubilised and lysates were subjected to western 

blot for ECM proteins. The positions of molecular mass markers (kDa) are indicated to 

the left and the proteins that were indicated are shown on the right. (B-E) The 

quantifications of Collagen I, Collagen VI, Collagen XII or Fibronectin western blot 

analysis. Means +/- SEM are shown. N=3-5 independent experiments. Statistical analysis 

performed by one-way ANOVA 
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4.2.4 ECM protein levels are unaltered in primary fibroblasts from 

normal skin and DF lesions on 2D surfaces 
 

To determine whether RhoE depletion changes the ECM protein expression levels in 

primary cells, four primary cell lines were used. Primary normal skin fibroblasts (NS1, 

NS2) and fibroblasts isolated from 2 different patients with dermatofibroma (DF1, DF2) 

were plated in 6-well plates and allowed to grow for 5 days. Lysates were collected and 

analysed by western blot probed for antibodies against Collagen I, Collagen VI, Collagen 

XII and Fibronectin (Figure 4.4A). Western blot densitometry analysis showed no change 

in those proteins but a trend towards higher Fibronectin expression in dermatofibroma 

cells (Figure 4.4B-E). 

 

 

Figure 4.4: RhoE does not alter ECM proteins expression levels. 

(A) Primary control skin fibroblasts (NS1, NS2) and dermatofibroma skin fibroblasts 

(DF1, DF2) were grown for 5 days. Lysates were subjected to western blot and probed 

for Collagen I, Collagen VI, Collagen XII or Fibronectin or HSC70 as a loading control. 

The positions of molecular mass markers (kDa) are indicated to the left and the proteins 

that were indicated are shown on the right. (B-E) The quantifications of Collagen I, 

Collagen VI, Collagen XII or Fibronectin western blot analysis of the ECM proteins 

relative expression levels normalised to HSC70 loading control. Means +/- SEM are 

shown. N=3 independent experiments. Statistical analysis performed by one-way 

ANOVA.  
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4.2.5 T231M RhoE and RhoE depletion reduce Collagen I alignment in 

CDM 
 

ECM undergoes a continuous remodelling and changes to organisation occurs in a number 

of pathologies including fibrosis. In order to study the potential changes to extracellular 

matrix organisation, parental HDF or those expressing GFP, GFP-RhoE-WT, or GFP-

RhoE-T231M, or RhoE CRISPR were plated in 24-well plates pre-coated with 

0.2% (wt/v) gelatin, cross-linked with 1% (v/v) glutaraldehyde and washed with 1 M 

glycine. Cells were treated with ascorbic acid every other day for 12 days followed by 

cell extraction. CDMs were then fixed and stained with antibody against Collagen I and 

images were acquired using confocal microscopy (Figure 4.5A). Alignment analysis 

demonstrated a significant reduction in Collagen I alignment in CDM, generated from by 

T231M RhoE expressing cells compared to WT RhoE and GFP only expressing cells. 

Similarly, RhoE CRISPR cells showed a significant reduction in Collagen I alignment 

compared to parental cells (Figure 4.5B).  
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Figure 4.5: RhoE overexpression reduces Collagen I alignment in CDM. 

(A) Representative confocal images showing Collagen I fibres of parental HDF and those 

expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR which were 

grown for 12 days on coverslips and treated every other day with the ascorbic acid to 

produce CDM. (B) Quantifications of alignment analysis showing Collagen I fibre 

orientation distributions. Scale bars – 50m. The max alignment = 1. Data is shown as 

mean with min/max shown. Statistical analysis performed by one-way ANOVA. n=10 

fields of view per condition. N=4 independent experiments. A representative 

quantification from one experiment is shown. *=p<0.05, ***=p<0.001. 
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4.2.6 T231M RhoE and RhoE depletion reduce Collagen VI alignment  
 

To further investigate the changes to extracellular matrix deposition, parental HDF or 

those expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M, or RhoE CRISPR were 

plated in 24-well pre-coated plates as before and treated with ascorbic acid every other 

day for 12 days followed by cell extraction. CDMs were then fixed and stained with 

antibody against Collagen VI. Images were acquired using confocal microscopy (Figure 

4.6A). Data demonstrated the same pattern as for Collagen I, in that Collagen VI 

alignment was significantly lower in CDM generated from T231M RhoE cells compared 

to WT RhoE and GFP. Similarly, CDM from RhoE CRISPR cells was less aligned 

compared to parental CDM (Figure 4.6B). 

 

 

Figure 4.6: RhoE overexpression decreases Collagen VI alignment.  

(A)  Representative confocal images showing Collagen VI fibres of parental HDF and 

those expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR which 

were grown for 12 days on coverslips to produce CDM. Then cells were extracted and 

stained for Collagen VI. Scale bars – 50µm. (B) Quantifications of alignment analysis 

depicting Collagen I fibre orientation distributions. Scale bars – 50µm. Max alignment 

= 1. Data is shown as mean with min/max shown. Statistical analysis performed by one-

way ANOVA. n=10 fields. N=4 independent experiments.  A representative quantification 

from one experiment is shown. *=p<0.05, ***=p<0.001. 
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4.2.7 T231M RhoE reduces Collagen XII alignment in CDM 
 

To investigate the changes to deposition of Collagen XII, parental HDF or those 

expressing GFP, GFP-RhoE-WT, GFP-RhoE-T231M or RhoE CRISPR were plated in 

pre-coated 24-well plates to generate CDM, and cells were treated with ascorbic acid 

every other day for 12 days followed by cell extraction. CDMs were then fixed and stained 

with antibody targeting Collagen XII and images were acquired using confocal 

microscopy (Figure 4.7A). Analysis of images demonstrated that alignment of Collagen 

XII in CDM generated from T231M RhoE was significantly lower than alignment of 

Collagen XII in GFP CDM (Figure 4.7B). Notably alignment values for all cells were 

lower for Collagen XII than other ECM proteins analysed, potentially because this is a 

FACIT ECM protein and as such, spans across other fibrous matrix molecules.  

 

 

Figure 4.7: RhoE overexpression increases Collagen XII alignment. 

(A)  Representative confocal images stained for Collagen XII. Parental HDF and HDF 

expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR were grown 

for 12 days on coverslips to produce cell-derived matrix (CDM). Then cells were 

extracted and stained for Collagen XII. Scale bars – 50µm. (B) Quantifications of 

alignment analysis depicting Collagen I fibre orientation distributions. Scale bars – 50µm. 

The max alignment = 1. Data is shown as mean with mix/max shown. Statistical analysis 

performed by one-way ANOVA. n=10 fields. N=4 independent experiments.  A 

representative quantification from one experiment is shown. *=p<0.05 
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4.2.8 T231M RhoE reduces Fibronectin alignment in CDM 
 

To investigate the changes to deposition of Fibronectin, parental HDF or those expressing 

GFP, GFP-RhoE-WT, GFP-RhoE-T231M or RhoE CRISPR were plated in 24-well plates 

pre-coated with 0.2% (wt/v) gelatin, cross-linked with 1% (v/v) glutaraldehyde and 

washed with 1 M glycine. Cells were treated with ascorbic acid every other day for 12 

days followed by cell extraction. CDMs were then fixed and stained with antibody 

targeting Fibronectin and images were acquired using confocal microscopy (Figure 

4.8A). Alignment analysis demonstrated a significant reduction in Fibronectin alignment 

in CDM generated from T231M RhoE compared to WT RhoE and GFP expressing cells.  

 

Figure 4.8: RhoE overexpression increases Fibronectin alignment.  

(A)  Representative confocal images of parental HDF and those cells expressing GFP, 

GFP-RhoE-WT or GFP-RhoE-T231M and CRISPR RhoE were grown for 12 days on 

coverslips to produce CDM. Scale bars – 50µm. (B) Quantifications of alignment analysis 

depicting Fibronectin fibre orientation distributions. Scale bars – 50µm. The max 

alignment = 1. Data is shown as mean with min/max shown. Statistical analysis 

performed by one-way ANOVA. n=10 fields. N=4 independent experiments. A 

representative quantification from one experiment is shown. *=p<0.05, **=p<0.01. 
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4.2.9 Collagen XII alignment is reduced in CDM from primary DF 

fibroblasts 
 

To determine whether changes to ECM organisation were also present in CDM from 

primary DF dermal fibroblasts, primary normal skin fibroblasts (NS1, NS2) and 

dermatofibroma skin fibroblasts (DF1, DF2) were plated in 24-well plates pre-coated with 

0.2% (wt/v) gelatine, cross-linked with 1% (v/v) glutaraldehyde and washed with 1 M 

glycine. Cells were treated with ascorbic acid every other day for 12 days followed by 

cell extraction. CDM were then fixed and stained with antibody targeting Collagens I, VI, 

XII and Fibronectin and images were acquired using confocal microscopy (Figure 4.9A). 

Alignment analysis demonstrated a significant reduction in Collagen XII alignment of 

matrix, generated from both dermatofibroma cell lines compared to cells from the control 

skin (Figure 4.9 D) and a significant reduction in Collagen I and Collagen VI alignment 

of matrix in one of DF cells compared to one of NS cells (Figure 4.9B, C). No change 

was seen in alignment of Fibronectin between NS and DF cells (Figure 4.9E). These data 

partly agree with that seen in immortalised cells and suggest that changes seen in DF 

fibroblasts can result in altered ECM alignment, potentially through RhoE. 
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Figure 4.9: Primary DF fibroblasts show reduced Collagen XII alignment in CDM.  

(A)  Representative confocal images of extracted CDM from primary normal skin 

fibroblasts (NS1, NS2) or dermatofibroma skin fibroblasts (DF1, DF2 or T231M mutant) 

fixed and stained for Collagen I, Collagen VI, Collagen XII and Fibronectin. Scale bars - 

50 µm. (B-E) Quantifications of the alignment of CDM. N=3-4 independent experiments. 

A representative quantification from one experiment is shown. Data is shown as mean 

with min/max shown. Statistical analysis performed by one-way ANOVA. *=p<0.05, 

**=p<0.01, ***=p<0.001. 
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4.2.10 Expression of RhoE T231M or RhoE CRISPR reduces 

migration speed and directionality in 3D 
 

Proliferation and migration of dermal fibroblasts can contribute to fibrogenesis through 

enhanced recruitment and expansion of cells to a wounded or inflamed areas. Moreover, 

fibroblasts can use the topography of the ECM proteins as a guidance cue to migrate 

along [232]. Given the changes in ECM alignment seen in T231M and RhoE CRISPR 

cells, the potential effect of this on proliferation and migration speed and directionality 

was next investigated. Parental HDF or those expressing GFP, GFP-RhoE-WT or GFP-

RhoE-T231M or RhoE CRISPR were plated in 6-well plates pre-coated with 0.2% (wt/v) 

gelatine, cross-linked with 1% (v/v) glutaraldehyde and washed with 1 M glycine. To 

induce the collagen synthesis and the formation of CDM, cells were treated with the 

ascorbic acid every other day for 12 days. After, cells were extracted and incubated with 

DNase I to residual cellular DNA. Equal numbers of cells were then plated onto the 

denuded CDM from the matched cell line, allowed to grow and fixed at 24 hours, 48 

hours, and 72 hours post-plating followed by staining with DAPI. Cells were then 

analysed by acquiring tile scans of entire CDM coverslips using a fluorescent microscope 

and the number of DAPI positive nuclei per well counted. This approach was taken as 

cells within 12-day CDM showed close or overlapping nuclei making assessment of cell 

number of such a long growth period technically challenging. Analysis of nuclei number 

revealed no significant differences in proliferation rates between all the cell lines over 

time (Figure 4.10A).  

 

To analyse migration, cells were plated in the same way as above on denuded CDM from 

the matched cell line and subjected to phase contrast time-lapse microscopy to image 

speed and directionality of migration. Tracking of cells from resultant movies 

demonstrated that migration speed was unaltered between the different cell lines (Figure 

4.10B). However, migration directionality was significantly reduced in RhoE CRISPR 

cells (Figure 4.10C) suggesting the reduced alignment seen in these CDM may result in 

lower persistence of movement.  
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Figure 4.10: RhoE CRISPR reduces fibroblast directional migration in CDM. 

(A)  Equal numbers of parental cells and cells expressing GFP, GFP-RhoE-WT or GFP-

RhoE-T231M and CRISPR 1 RhoE were plated on prepared extracted CDM and fixed 

when they attached, at 24 hours, 48 hours and 72 hours. Nuclei were stained with DAPI 

and fold proliferation was determined. (B-C) Parental HDF and those expressing GFP, 

GFP-RhoE-WT or GFP-RhoE-T231M and CRISPR RhoE were plated on the prepared 

extracted CDM and were imaged for 10 hours with 10-minute intervals. The speed (B) 

and the directionality (C) was quantified.  Data is shown as mean +/-SEM in A and with 

min/max in B,C. Statistical analysis performed by 2-way ANOVA. n=30 cells were 

tracked from N=3 independent experiments. A representative quantification from one 

experiment is shown. *=p<0.05. 
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4.2.11 Cell numbers are not increased in DF skin 
 

Data in this chapter and in the previous chapter suggested that proliferation was not 

markedly changed in cells with manipulated RhoE. To determine whether 

fibroproliferation was a hallmark of DF, dermatofibroma tissue sections compared to 

normal skin tissue sections were stained with Hematoxylin to mark nuclei and imaged 

using transmitted light on a histology slide scanner (Figure 4.11A). QuPath was then used 

to analyse nuclei within dermal and epidermal compartments, measured as no. of 

cells/µm. Data demonstrated no significant difference in the number of nuclei in dermal 

and epidermal compartments of DF skin compared to healthy controls (Figure 4.11B).  

 

4.2.12 RhoE levels are reduced in the dermis of DF skin samples  
 

The RhoE T231M mutation studied in this thesis as originally identified in patients with 

DF. Data to date suggests that T231M RhoE leads to changes similar to those seen in 

RhoE knockout cells, suggesting some aspects of this mutation may infer a loss -of-

function for RhoE. However, levels of RhoE have never been previously assessed in DF. 

In order to determine whether the expression of RhoE is altered in samples from 

dermatofibroma patients compared to normal skin samples, tissue sections were stained 

with antibody against RhoE revealed by DAB (brown) and Hematoxylin stain (blue) and 

imaged using a slide scanner (Figure 4.12A). Images were subjected to further analysis 

using Qupath to assess levels of RhoE positive staining within both dermal and epidermal 

compartments. Data showed that RhoE was expressed by cells in both the dermis and 

epidermis. RhoE expression per cell normalised to tissue area was significantly lower in 

the dermis of DF skin, compared to control healthy skin (Figure 4.12B). No differences 

were seen in RhoE levels within the epidermis. 
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Figure 4.11: Cell numbers are not increased in DF skin.  

(A)  Representative images of nuclei in sections from control and dermatofibroma patient 

skin. Nuclei were stained with hematoxylin (blue). Scale bars 100  µm. (B) Analysis of 

total cell nuclei in dermal and epidermal compartments normalised to tissue area. Box  

and whisker plots show min/max data points, lines denote mean values. Statistical 

analysis performed by Student t-test. N=10 samples for each condition. 
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Figure 4.12: RhoE levels are reduced in DF dermis. 

(A) Representative DAB IHC-stained sections from control and dermatofibroma patient 

skin showing epidermal and dermal staining of RhoE (brown). Nuclei were counter-

stained with Hematoxylin (blue). Scale bars 100 µm.  (B) Quantitative analysis of dermal 

or epidermal RhoE intensity levels by tissue area. Box and whisker plots show min/max 

data points, lines denote mean values. Statistical analysis performed by Student t -test. 

N=10 samples for each condition. *=p<0.05. 
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4.3 Discussion 
 

Data in this chapter has demonstrated that RhoE depletion and expression of T231M 

RhoE results in reduced alignment of Collagen I, Collagen VI, Fibronectin and 

Collagen XII (Figures 4.5-4.8). Primary fibroblasts from DF lesions also demonstrated 

significantly reduced Collagen XII alignment compared to controls (Figure 4.9D). 

Notably alignment values for Collagen XII were much lower across all cells compared to 

other ECM proteins. In dense connective tissues, Collagen XII is thought to regulate 

organisation of collagen fibril bundles [233]. Collagen XII is a non-fibrillar collagen 

belonging to the FACIT family. Collagen XII may therefore be less aligned because it can 

span multiple ECM proteins, but the overall organisation might reflect the fact that other 

key ECM proteins are also changed. The regulation of Collagen XII  is poorly understood 

compared to other predominant ECM proteins such as Collagen I and Fibronectin. 

Cartilage oligomeric matrix protein (COMP) is a calcium-binding protein, that plays a 

role in cell growth, proliferation and cell movement and adhesion. It is a constitutive 

component of healthy human skin and is strongly induced in fibrosis. It is known to 

directly bind to Collagen I and Collagen XII and to control collagen synthesis as this 

ECM protein is retained in the endoplasmic reticulum in fibroblasts in the absence of 

COMP [234].  

 

Mutations in COL12A1 are known to cause myopathic Ehlers Danlos Syndrome and 

cardiomyopathy [235]. The mutated Collagen XII leads loss of extracellular, fibrillar 

Collagen XII deposition and less aligned Fibronectin organisation and thereby replicate 

a Collagen XII depleted phenotype [15, 16]. Collagen XII has also been shown to regulate 

fibrillogenesis by forming matrix between cells and feedback to tenocytes or fibroblasts, 

as demonstrated in COL12A1 null mice [14, 17]. Collagen XII expression additionally 

regulates extracellular Collagen I synthesis, fibre assembly, and stability [54]. However, 

the reduction of fibre alignment in T231M RhoE and depleted RhoE cells (Figures 4.7 

and 4.9D) was not coupled with altered levels of Collagen XII protein expression detected 

by western blot at the same time point (Figure 4.3). Interestingly however, data shown 

here demonstrated higher Collagen XII levels in RhoE CRISPR cells 3 days post-plating 

(Figure 4.2). This suggests that Collagen XII levels may be increased initially in CDMs 

lacking RhoE, or potentially also in RhoE T231M expressing cultures, but this is not 

evident by day 12 as Collagen XII synthesis slows down over time [15, 17]. Indeed, 
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Collagen XII synthesis is induced during the regeneration of the myocardium and then 

reduces when the generation is complete [51]. These data suggest that the regulation of 

ECM protein alignment may be mediated by early Collagen XII expression, thus ECM 

proteins are more aligned in the absence or reduced levels of Collagen XII. Collagen XII 

has not been previously studied in the context of DF, but the data shown here would 

suggest this may represent an important mediator of ECM organisation in this disease. 

 

Data in this chapter also demonstrated that Collagen VI was the most abundant ECM 

protein expressed in these fibroblasts (Figure 4.1), and additionally demonstrated that 

Collagen VI was among the ECM proteins showing significantly reduced alignment in 

T231M RhoE cells and RhoE depleted cells (Figures 4.6 and 4.9C). Collagen VI is a non-

fibrillar collagen, it is known to play an important role in fibrosis, wound healing and 

tissue regeneration [46]. Mutations in COL6A1, COL6A2 or COL6A3 are known to lead 

to Bethlem myopathy and Ullrich congenital muscular dystrophy [20–22]. 

Dermatological abnormalities include keloids, striae rubrae and follicular keratosis [241]. 

Depletion of Collagen VI leads to a significant decrease in profibrotic phenotypes, 

extracellular matrix production and organisation in myofibroblasts [23, 24, 26] indicating 

this molecule plays an important role in these pathologies. Knockdown of COL6A1 leads 

to increased alignment and fibre density of other ECM proteins and reduced Collagen I 

synthesis compared to control cells, further indicating the importance of Collagen VI in 

pro-fibrotic phenotypes [47]. The reduced alignment of Collagen VI matrix seen in 

T231M RhoE and RhoE CRISPR cells (Figure 4.6 and 4.9C) may therefore also represent 

a pro-fibrotic phenotype. Overall, data shown here suggest a hierarchy of matrix 

organisation and synthesis whereby Collagen XII regulates Collagen VI organisation and 

this may in turn contribute to other ECM protein organisation and synthesis. This 

subsequent feedback from the ECM, particularly Collagen XII and VI, is blocked in cells 

expressing mutated RhoE or those lacking RhoE. 

 

Data shown in this chapter also demonstrated that migration speed is unchanged in all 

cell lines migrating on CDM (Figure 4.10B), but migration directionality is reduced in 

RhoE CRISPR cells (Figure 4.10C). These data contradict the 2D migration results shown 

in the previous results chapter where both T231M RhoE expressing and RhoE CRISPR 

cells showed reduced migration speed (Figure 3.4B) but no change in directionality 

(Figure 3.4C). 2D cultures have no ECM topography to guide cell migration, which may 
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explain the discrepancies between these datasets. Indeed, ECM alignment is reduced in 

CDM cultures from both T231M RhoE expressing cells and those lacking RhoE (Figures 

4.5-4.8), which may contribute to the reduced directional migration seen in the latter. 

There are also differences in mechanisms of cell adhesion, migration and signalling in 

2D vs 3D environments. For example, primary human fibroblasts use lamellipodial 

migration on a 2D surface by actin filament polarisation and, thus lamellipodia 

protrusions. In contrast, the same cells in 3D cell-derived matrix switch to 3D lobopodial 

migration, and Rac1, Cdc42, and PIP3 signalling becomes non-polarised, the activity of 

RhoA and ROCK is reduced and the migration is regulated by matrix physical properties 

[243]. This suggests that migration on CDM is mainly regulated by the organisation and 

composition of the external environment and the reduction in the directionality RhoE 

CRISPR cells may be dictated by reduced ECM fibre alignment which can no longer 

support directed contact guidance cues for migration. This could be tested in the future 

by plating different cell lines on CDMs that made by parental cells to investigate whether 

RhoE CRISPR cells show altered migration on the more aligned CDM and to compare 

matrix organisation changes with CDM contianing parental HDF to explore whether the 

active remodelling is involved. 

 

In addition to migration, proliferation can play a key role in promoting fibrosis. 

Dermatofibromas have previously been suggested to be fibroproliferative in nature, 

indicating higher numbers of fibroblasts within the dermis of these lesions. In contrast to 

the proliferation data from the previous chapter, that T231M RhoE and depleted RhoE 

significantly increased proliferative rate (Figure 3.3), no change was in numbers of 

fibroblasts or keratinocytes in the dermis or epidermis respectively of DF compared to 

control tissues (Figure 4.11). However, previously, it has been shown that different types 

of dermatofibromas have distinct characteristics. For example, only aneurysmal type, 

cellular variants, and dermatofibrosarcoma protuberans are known to show higher 

proliferation and ‘invasion’ into the subcutaneous tissues [244]. Moreover, despite the 

concept that DF lesions are composed of proliferating fibroblasts, the proliferation rate 

has not been previously formally quantified. However, fibroblast packing has been shown 

to be altered in several dermatofibromas [245]. The tissue samples analysed in this 

chapter from dermatofibromas (detailed in Table 2.9) were used to estimate the number 

of cells in per tissue unit area, noting that tissue samples are only a relatively small section 

from the lesion, and larger sample numbers may help to confirm this finding if available 
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in future. However, we did not assess apoptosis or differentiation marker for fibroblasts, 

which may be a contributing factor to the formation of the fibrotic tissue and would be 

interesting to analyse in future. It is plausible however that dermatofibromas may indeed 

not be fibroproliferative lesions, but rather controlled by changes to ECM deposition and 

organisation coupled with altered fibroblast to myofibroblast transitions as opposed to 

overall increased fibroblast numbers per unit area. It has been reported that the possible 

cause of dermatofibroma might be ‘elastophagocytosis’ between the collagen fibres by 

the dermatofibroma cells [246], which is when fibres are eliminated or ingested. Elastic 

fibres also are either decreased or absent in atrophic dermatofibromas [4, 30, 31]. This 

would suggest that feedback between the resident cells and ECM is important to control 

a balanced synthesis and organisation of matrix proteins within the dermal compartment 

and our data would further imply that RhoE plays a role in this feedback. 

 

Additionally, we found that RhoE levels were reduced in the dermal compartment in DF 

tissues compared to normal skin (Figure 4.12). This agrees with our findings that RhoE 

knockdown fibroblasts of those expressing T231M mutated RhoE disrupts normal skin 

homeostasis leading to pro-fibrotic phenotypes. This would also further support the 

notion that in this context, the T231M RhoE mutation acts as a loss of function mutation. 

The mechanisms by which RhoE positively contributes to maintenance of tissue  

homeostasis remain unclear and will be explored in the next chapter. However, the 

enhanced integrin activation seen in both RhoE T231M expressing cells and those lacking 

RhoE in the previous chapter (Figures 3.8 and 3.10) may play a role in this organisation 

of ECM. 

 

In summary, the data from this chapter has revealed that RhoE is required for fibroblasts 

to maintain normal, homeostatic ECM composition and organisation, potentially through 

regulation of Collagen XII synthesis or secretion. The next chapter  will explore the 

potential RhoE-dependent binding partners that may contribute to the observed 

phenotypes. 
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5 Characterising RhoE-dependent 

mechanisms regulating adhesion 

and ECM organisation 
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5.1 Introduction 

RhoE has previously been shown to associate with and act as a substrate for multiple 

interaction partners. Data shown in chapter 3 demonstrated that RhoE can form 

complexes with previously identified binding partners contributing to cell proliferation 

(NICD and TAOK1) [186] and that T231M mutation can alter the level of complex 

between these proteins (reducing NICD binding and increasing TAOK1 binding) (Figure 

3.11). Additional data suggested that T231M RhoE is more highly Serine phosphorylated 

compared to WT RhoE, further suggesting that additional binding partners for the mutant 

RhoE may be altered (Figure 3.12). However, neither NICD nor TAOK have been 

previously implicated in the regulation of ECM synthesis or organisation, which are the 

key RhoE-dependent phenotypes revealed in previous chapters. Whilst these known 

association partners may contribute to RhoE-dependent ECM organisation, this chapter 

aims to explore potential unknown binding partners that play a role in these processes.  

Increased cross-linking of collagen is a key driver promoting fibrosis. Several enzymes 

are known to induce the cross-linking of collagen, such as lysyl oxidase (LOX) and lysyl 

oxidase like-enzymes 1–4 (LOXL), transglutaminase 2 (TG2), peroxidasin (PXDN) and 

procollagen-lysine, 2-oxoglutarate 5-dioxygenase (PLOD). LOX(L)s are copper-

dependent iron-containing enzymes that control the formation of ECM by cross-linking 

collagen or elastin. They catalyse the formation of highly active aldehydes from lysine 

residues that can react with other lysyl oxidase-derived aldehyde residues. TG2 is an 

enzyme that cross-links proteins by catalysing Ca2+-dependent post-translational 

modifications. PLODs are enzymes that are responsible for the hydroxylation of lysyl 

residues in collagen telopeptides, which is essential for collagen pyridinoline cross -link 

formation [2–4]. They catalyse hydroxylation of lysine intracellularly before collagen is 

secreted. Lysyl oxidase (LOX) then binds to hydroxylysine residues in the extracellular 

collagen fibres and activates the cross-linking formation [250]. PLOD2 can also 

upregulate the expression levels of integrin β1 and may therefore be able to affect the 

migration behaviour of fibroblasts [122]. Aberrant lysyl hydroxylation and collagen 

cross-linking contributes to the progression of many diseases, such as fibrosis and cancer 

and, thereby, it is also considered a fibrotic marker since its expression is upregulated in 

various fibrotic tissues [251]. However, potential links between these groups of enzymes 

and RhoE have not been previously explored. 
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Integrins are transmembrane ECM receptors that couple external cues to actin 

cytoskeleton through focal adhesions. Integrins undergo conformational changes when 

active to enable ECM binding and adhesion strengthening. The Rho family of GTPases 

is known to control adhesion-dependent changes in the organisation of the cytoskeleton 

and both cell-cell and cell-matrix adhesions that can interplay in ECM synthesis and 

assembly. For example, it has been demonstrated that the active RhoA can increase ECM 

assembly or fibril formation by linking actomyosin contractile tension and ECM 

mechanical force coupled with enhanced α-SMA expression [252]. Moreover, cell 

migration also affects the deposition and degradation of ECM. Migration phenotypes 

correlate with matrix organisation and re-orientation of cells after the collision with each 

other can reduce alignment during de novo ECM biosynthesis. This process is controlled 

by the transcription factor TFAP2C, which regulates cell collision guidance partly 

through localisation of RhoE to cell-cell collision junctions to downregulate actomyosin 

activity [253].  

The existence and the nature of potential interactions between RhoE and molecules that 

can regulate ECM synthesis and remodelling have not previously been investigated. 

Moreover, data in chapters 3 and 4 showed that both T231M RhoE and CRISPR of RhoE 

can enhance β1 integrin activity and reduce ECM alignment, suggesting T231M RhoE 

may disrupt signalling that mediates these phenotypes. However, the mechanisms through 

which RhoE could regulate these phenotypes remain unknown. We hypothesised that 

RhoE could interact with novel binding partners. In this chapter, we used mass-

spectrometry analysis to investigate whether the RhoE complex formation with novel 

binding partners could be the key mechanism to regulate the ECM adhesion, synthesis, 

and alignment. 
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5.2 Results 

 

5.2.1 Proteomics analysis reveals new RhoE binding partners 

In order to take an unbiased approach to determine whether other regulatory proteins may 

complex with RhoE to contribute to ECM synthesis and rearrangement, mass 

spectrometry analysis was carried out on GFP-Traps from GFP, GFP-RhoE-WT, and 

GFP-RhoE-T231M and resulting complexes were subjected SDS-PAGE analysis and 

silver staining to identify differential bands present in WT vs T231M RhoE complexes 

(Figure 5.1A). Bands that were altered in GFP-RhoE-WT and GFP-RhoE-T231M 

(marked with arrows) were excised and sent for liquid chromatography with tandem mass 

spectrometry (LC-MS/MS) analysis. Resulting data was then analysed and ranked based 

on frequency of peptides present in the resulting datasets. This analysis revealed several 

proteins of interest that have been previously associated with ECM regulation or 

cytoskeleton rearrangements (Figure 5.1B). Green highlighted proteins indicate those hits 

that were taken forward for further validation based on previous poten tial relevance to 

ECM organisation or integrin activation. 
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Figure 5.1: Proteomics reveals new RhoE binding partners.  

(A) Lysates from dermal human fibroblast HDF tagged with GFP or overexpressed GFP-

RhoE-WT or GFP-RhoE-T231M were subjected to GFP-Trap. Pulldown lysates were then 

separated by SDS-PAGE, before being silver stained. Bands unique to GFP-RhoE-WT or 

GFP-RhoE-T231M expressing cell lysates (showed with arrows) were excised and 

analysed by LC-MS/MS. (B) Table of proteins identified by LC-MS/MS analysis for each 

of the corresponding bands. Green highlighted proteins were taken forward for further 

validation. 
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5.2.2 RhoE forms a complex with PLOD2 and this is reduced by the 

T231M mutation 

 
PLOD2, Filamin A and Lamin A/C were all identified in the proteomics datasets and have 

previously been related to the regulation of ECM or integrin activation and as such were 

chosen for further validation. Filamin A is an F-actin-binding protein, that cross-links 

actin filaments in the/a mechano-sensing response and, thus, controls cell shape and 

motility. Filamin A is also known to control ECM degradation through regulating MMP 

activity and induces MMP-2 activation, enhancing the ability of cells to remodel the ECM 

and increasing their invasive potential, without significantly altering two-dimensional 

random cell migration [254]. Moreover, Filamin A can bind to 1 integrins and suppress 

their activation, thus providing an additional link to the migration and ECM organising 

machinery. Lamin A/C is an intermediate filament protein that is an inner component of 

the nuclear envelope. It is known to maintain nuclear envelope integrity, therefore it 

provides structural stability, cell motility, chromosome organisation, and prevents DNA 

damage. Lamin A/C is further associated with MMP14-dependent ECM remodelling that 

coordinates canonical Wnt signalling and promotes integrin-dependent reorganisation of 

the cytoskeleton [255]. As described in the introduction, PLOD2 (Procollagen-Lysine,2-

Oxoglutarate 5-Dioxygenase 2) is an enzyme localised to the cisternae of the rough 

endoplasmic reticulum that is responsible for the hydroxylation of lysyl residues in 

collagen peptides which are important for intermolecular collagen cross-linking, 

therefore, regulating ECM stiffening and fibre alignment [122]. PLOD2 has a key role in 

tumour cell invasion and metastasis by mediating 1 integrin stability and recruiting it to 

the plasma membrane via lysine hydroxylation.  

 

Interactions with the selected potential RhoE partners were validated through GFP-trap 

analysis using lysates from cells expressing GFP, GFP-RhoE-WT and GFP-RhoE-

T231M. Protein complexes were then resolved by western blot and subsequently probed 

with antibodies against PLOD2, Lamin A/C or Filamin A (Figure 5.2A, C, E). Analysis 

revealed that levels of PLOD2 in complex with T231M RhoE were significantly reduced 

compared to WT RhoE (Figure 1.13 B). However, whilst both Lamin A/C and Filamin A 

were in a complex with WT RhoE, levels of this interaction did not change compared to 

T231M RhoE (Figure 1.13D, F). These data demonstrate that PLOD2, Lamin A/C and 

Filamin A are novel RhoE-associated proteins and that T231M mutation significantly 
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reduced the formation of complexes between RhoE and PLOD2, which may play a role 

in the observed differences in ECM synthesis and rearrangement in T231M RhoE 

expressing cells. PLOD2 was therefore chosen as the main direction to further study.  

 
 

Figure 5.2: T231M reduces PLOD2 binding. 

(A), (C), (E) Cell extracts of GFP, GFP-RhoE WT or GFP-RhoE T231M were incubated 

with GFP-Trap beads and bound proteins were detected with antibodies against PLOD2, 

Lamin A/C and Filamin A. The positions of molecular mass markers (kDa) are indicated 

to the left. (B), (D), (F) Densitometric analysis of PLOD2 (B), Lamin A/C (D), Filamin 

A (F) relative binding. N=4 independent experiments. Data is shown as mean +/-SEM. 

Statistical analysis performed by Students t-test. **=p<0.01. 
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5.2.3 Reducing RhoE phosphorylation reduces PLOD2 binding 
 

RhoE activity can be controlled by phosphorylation, and data in the previous chapter 

demonstrated that T231M RhoE may be more highly serine phosphorylated. To determine 

whether RhoE phosphorylation leads to any changes in formation of complexes with 

PLOD2, GFP-trap analysis was performed on lysates from cells expressing GFP, GFP-

RhoE-WT and GFP-RhoE-T231M and phospho-dead S240A/S218A/S210A GFP-RhoE 

WT-AAA and GFP-RhoE T231M-AAA. Densitometric quantification of GFP traps 

showed that PLOD2 association with RhoE T231M as well as phospho-dead RhoE protein 

was significantly reduced compared to WT RhoE. These data suggest that RhoE-PLOD2 

complex formation is regulated by RhoE phosphorylation.  

 
 

 

Figure 5.3: Disrupting RhoE phosphorylation reduces PLOD2 binding.  

(A) Lysates from stable GFP, GFP-RhoE WT, GFP-RhoE T231M, or GFP-RhoE WT-

AAA, GFP-RhoE T231M-AAA cells were incubated with GFP-Trap and bound proteins 

were immunoprecipitated and probed for PLOD2 and GFP. (B) Quantitative analysis of 

immunoblots. Data is shown as mean +/-SEM. N=4 independent experiments. Statistical 

analysis performed by 2-way ANOVA. *=p<0.05. **=p<0.01. 
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5.2.4 T231M RhoE mutation reduces PLOD2-RhoE colocalisation 
 

To investigate whether RhoE and PLOD2 colocalise in cells and if so, the spatial 

compartment this occurs in, GFP-RhoE-WT and GFP-RhoE-T231M cells were plated on 

glass coverslips, fixed and stained for nuclei (DAPI, blue) and PLOD2 (magenta). 

Confocal images were taken at a central plane through the cells using the same imaging 

settings and analysed using FIJI (Figure 5.4A). PLOD2 was seen to localise to the 

endoplasmic reticulum (ER) in both cell lines. Colocalisation analysis was performed to 

determine whether RhoE overlapped with PLOD2. Data shown in Figure 5.4B 

demonstrated that colocalisation coefficient values were significantly lower for T231M 

RhoE-PLOD2 than WT-RhoE-PLOD2. To confirm that RhoE showed localisation to the 

ER, GFP-RhoE-WT and GFP-RhoE-T231M cells were plated on glass coverslips, fixed 

and stained for the ER marker Calnexin that is responsible for glycoprotein folding 

(magenta) (Figure 5.4C). GFP-RhoE-WT and GFP-RhoE-T231M cells did not show any 

significant difference in colocalisation with Calnexin (Figure 5.4D).  To determine 

whether the T231M RhoE mutation prevents PLOD2 from localising to ER, GFP-RhoE-

WT and GFP-RhoE-T231M cells were plated on glass coverslips, fixed and stained for 

PLOD2 and Calnexin (Figure 5.4E). The colocalisation analysis did not show any 

significant difference in PLOD2-Calnexin pixel overlap. These data suggest that RhoE 

colocalises with PLOD2 in the ER and that this can be disrupted by T231M RhoE 

mutation due to changes in RhoE localisation. 
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Figure 5.4: T231M RhoE reduces PLOD2 colocalisation. 

(A), (C), (E) Representative confocal images of stable expressing GFP-WT or T231M 

RhoE (A, C - green) in human dermal fibroblasts, fixed and stained for PLOD2 (A, E - 

magenta) or Calnexin (C – magenta, E - green), phalloidin (A - cyan) and DAPI (A - 

blue). Scale bars - 25 µm. (B), (D), (F) Quantification of PLOD2-RhoE (B), Calnexin-

RhoE (D) or PLOD2-Calnexin (F) colocalisation from images of cells. For each 

experiment, 25-30 cells were analysed and Manders’ colocalisation coefficient values that 

correspond to overlapping pixel intensity were plotted. N=3 independent experiments. A 

representative quantification from one experiment is shown. Box and whisker plots show 

mean and min/max values. Statistical analysis performed by Student’s t-test. 

****=p<0.0001. 
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5.2.5 Depleting PLOD2 reduces levels of active 1 integrins 
 

Data shown in chapter 3 demonstrated that expression of T231M RhoE and RhoE 

depletion by CRISPR promote the activity of 1 integrins, and data in this chapter has 

thus far demonstrated that the T231M mutation in RhoE disrupts PLOD2 association. 

Moreover, PLOD2 has previously been shown to control 1 integrin activity. We 

therefore tested whether depletion of PLOD2 reduced the activity of 1 integrins in HDF 

and whether the effects of RhoE CRISPR on integrin activation could be restored by 

siRNA targeting PLOD2. To test this, parental HDF and RhoE CRISPR cells were 

transfected with control siRNA or siRNA targeting PLOD2. After 24 hours, these cells 

were lysed and subjected to western blotting to validate the efficiency of transfection 

(Figure 5.5A). The same transfected cells were also re-plated onto fibronectin-coated 

coverslips and grown overnight, fixed and stained with an antibody that specifically 

recognises active 1 integrins (12G10) (Figure 5.5B). Images were acquired on a confocal 

microscope with the same acquisition settings across all cell lines and the intensity of 1 

integrins was measured using FIJI software. Analysis revealed that PLOD2 siRNA in 

HDF led to significantly reduced levels of active 1 integrins compared to siControl 

treated cells (Figure 5.5C). Moreover, the higher levels of active integrins seen in 

CRISPR cells were significantly reduced upon PLOD2 knockdown, back to levels 

equivalent to those seen in HDF PLOD2 depleted cells (Figure 5.5D). These data suggest 

that PLOD2 contributes to 1 integrin activation in HDF and knocking out RhoE 

enhances this PLOD2-dependent activation.  
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Figure 5.5: siPLOD2 reduces active integrins. 

(A) Parental HDF and RhoE CRISPR cells were transfected with siRNA control plasmid 

or PLOD2 pool and were subjected to western blot and probed for PLOD2, RhoE or 

HSC70 as a loading control. (B) Representative confocal images of parental HDF and 

CRISPR RhoE transfected with siRNA pool recognising PLOD2 mRNA or control siRNA 

and HDF stably expressing GFP-RhoE-WT were grown for 24 hours, fixed and stained 

for 𝛽1 active integrin (magenta), phalloidin (cyan) and DAPI (blue). Scale bars - 50 µm. 

(C-D) Quantification of the activity of 𝛽1 integrins estimated by intensity per cell. n=25-

30 cells. N=3 independent experiments. A representative quantification from one 

experiments is shown. Data is shown as mean +/-SEM. Statistical analysis performed by 

one-way ANOVA. *=p<0.05, **=p<0.01. 
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5.2.6 Expression of PLOD2 increases active integrins in focal adhesions  
 

To further investigate whether PLOD2 activity increased activation of 1 integrins, 

parental HDF were plated on Fibronectin-coated coverslips and transiently transfected 

with GFP, WT-PLOD2-GFP and a mutant lacking the hydroxylase domain, PKHD-

PLOD2-GFP [122]. Cells were then fixed and stained for active 1 integrins (cyan) and 

PLOD2 (magenta) to confirm effective transfection (Figure 5.6A). Images were as 

previously explained. Increased 1 activity was detected in WT-PLOD2 overexpressing 

cells, whereas expression of PKHD-PLOD2 had no significant effect on active 1 integrin 

activity levels compared to parental cells or GFP only (Figure 5.6B). These data 

demonstrate that the hydroxylase activity of PLOD2 promotes the activity of 1 integrins. 

 

 
 

Figure 5.6: PLOD2 OE increases active integrins in focal adhesions.  

(A) Representative confocal images of transiently transfected human dermal fibroblasts 

with GFP, GFP-PLOD2 WT or inactive PKHD mutant. Fibroblasts were allowed to grow 

for 24h fixed and stained for PLOD2 (red), active 𝛽1 integrin (cyan) and DAPI (blue). 

Scale bars - 30 µm. (B) Quantification of the activity of 𝛽1 integrins shown by intensity 

per cell. n=20 cells. N=3 independent experiments. A representative quantification from 

one experiment is shown. Data is shown as mean +/-SEM. Statistical analysis performed 

by one-way ANOVA. *=p<0.05. 
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5.2.7 Depletion of PLOD2 reduces total 1 integrin levels and reduces 

integrin stability 
 

In order to investigate whether the PLOD2 also contributed to levels and stability of 1 

integrin protein, parental cells and RhoE CRISPR cells were transfected with control 

siRNA or siRNA targeting PLOD2 and analysed by western blotting, followed by probing 

with antibodies against total 1 integrins (Figure 5.7A). Densitometry analysis 

demonstrated a significant increase in 1 integrin expression levels in RhoE CRISPR 

cells compared to parental cells and this was reduced following knockdown of PLOD2, 

back to levels seen in parental cells (Figure 5.7B). To determine whether expression of 

PLOD2 influenced 1 integrin protein degradation as a potential mechanism to control 

adhesion, parental HDF and RhoE CRISPR cells were transfected with control siRNA or 

siRNA targeting PLOD2 and treated for 24 hours with a protein synthesis inhibitor 

cycloheximide or DMSO as a control. Lysates were collected and run on a western blot 

then probed for antibodies against total 1 integrin and PLOD2 to determine efficiency 

of knockdown (Figure 5.7C). Analysis of 1 integrins levels demonstrated a reduction of 

1 integrins expression in all cell lines in cells treated with cycloheximide for 12 hours. 

These data demonstrate that RhoE promotes degradation of 1 integrins and PLOD2 

supports 1 integrin stability. 

 

5.2.8 PLOD2 knockdown increases Collagen I alignment 
 

To determine whether the depletion of PLOD2 also influenced ECM alignment, parental 

HDF, GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR cells were 

transfected with control siRNA or siRNA targeting PLOD2 were plated in 24-well plates 

pre-coated with 0.2% (wt/v) gelatine, cross-linked with 1% (v/v) glutaraldehyde and 

treated with the ascorbic acid every other day for 12 days followed by cell extraction. 

CDM were then fixed and stained with antibody against Collagen I and images acquired 

using confocal microscopy (Figure 5.8A). Alignment analysis demonstrated a significant 

decrease in Collagen I alignment in both RhoE CRISPR and RhoE T231M expressing 

cells compared to controls as seen previously (Figure 5.8B).  Depletion of PLOD2 in 

T231M RhoE or RhoE CRISPR cells resulted in a trend towards increased Collagen I 

alignment in both cases compared to siControl. 
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Figure 5.7: PLOD2 knockdown reduces total 𝛽1 integrin levels and reduces 

integrin stability. 

(A) Parental or CRISPR RhoE human dermal fibroblasts were transfected with siRNA 

control plasmid or PLOD2 pool and were subjected to western blot 24  hours after 

transfection and probed for total 𝛽1 integrin. (C) Parental or CRISPR RhoE human 

dermal fibroblasts were transfected with siRNA control plasmid or PLOD2 pool and 

treated with either DMSO or cycloheximide with 10um of regent for 12 hours were 

analysed by western blotting and probed for total 𝛽1 integrin, PLOD2 to determine the 

efficiency of knockdown and GAPDH antibodies as a loading control. (B-D) 

Quantification of total 𝛽1 integrin normalised to GAPDH as a loading control. N=3 

independent experiments. Box and whisker plots show mean and min/max values. 

Statistical analysis performed by 2-way ANOVA. *=p<0.05, **=p<0.01. 
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Figure 5.8: The reduction of Collagen I alignment can be rescued by PLOD 

knockdown. 

(A) Parental human dermal fibroblasts and those expressing GFP, GFP-RhoE-WT or 

GFP-RhoE-T231M or CRISPR RhoE fibroblasts were transfected with a pool of siRNA 

targeting PLOD2 or control siRNA grown for 12 days on coverslips to produce CDM. 

Cells were extracted and CDM were stained for Collagen I. Scale bars – 50m. (B) 

Comparing coherency analysis depicting fibre orientation distribution of Collagen I (max 

alignment = 1). Box and whisker plots show mean and min/max values. Statistical 

analysis performed by t-test. n=10 fields. N=4 independent experiments. A representative 

quantification from one experiment is shown. *=p<0.05, **=p<0.01. 
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5.2.9 Reduced Collagen VI alignment in T231M RhoE and RhoE 

CRISPR cells is rescued by PLOD2 depletion 
 

To investigate whether the depletion of PLOD2 effected on Collagen VI alignment, 

parental HDF, GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR cells were 

transfected with control siRNA or siRNA targeting PLOD2 and plated in pre-coated for 

CDM production 24-well plates and treated with ascorbic acid every other day for 12 

days. CDMs were then fixed and stained with antibody against Collagen VI and images 

acquired using confocal microscopy (Figure 5.9A). Alignment analysis demonstrated the 

significant decrease in Collagen VI alignment of matrix, generated from overexpressed 

T231M RhoE and RhoE CRISPR cells compared to parental and this was increased in 

both cell lines to levels seen in control cells upon depletion of PLOD2 (Figure 5.9B).  
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Figure 5.9: T231M RhoE and RhoE CRISPR leads to reduced Collagen VI alignment 

and can be rescued by PLOD2 depletion. 

Parental HDF and those expressing GFP, GFP-RhoE-WT or GFP-RhoE-T231M or 

CRISPR RhoE fibroblasts were transfected with PLOD2 siRNA or control siRNA grown 

for 12 days on coverslips to CDM. Cells were extracted and CDM stained for Collagen 

VI. Scale bars – 50µm. (B) Coherency analysis depicting fibre orientation distributions 

of Collagen VI (max alignment = 1). Box and whisker plots show mean and min/max 

values. Statistical analysis performed by 2-way ANOVA. n=10 fields. A representative 

quantification from one experiment is shown. **=p<0.01, ***=p<0.001. 
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5.2.10 Reduced Collagen XII alignment in RhoE CRISPR cells is 

rescued by PLOD2 depletion 
 

To further determine whether the depletion of PLOD2 also influenced Collagen XII 

alignment, parental HDF, GFP, GFP-RhoE-WT or GFP-RhoE-T231M and RhoE CRISPR 

cells transfected with control siRNA or siRNA targeting PLOD2 were plated in 24-well 

plates pre-coated with 0.2% (wt/v) gelatine, cross-linked with 1% (v/v) glutaraldehyde 

and treated with the ascorbic acid every other day for 12 days followed by cell extraction. 

CDM were then fixed and stained with antibody targeting Collagen XII. Images were 

acquired using confocal microscopy (Figure 5.10A). Quantification of alignment analysis 

showed significantly reduced Collagen XII alignment in T231M RhoE expressing cells 

compared to GFP controls and a trend towards increased alignment upon PLOD2 

depletion (Figure 5.10B). RhoE CRISPR cells showed a significant increase in Collagen 

XII alignment upon PLOD2 depletion (Figure 5.10B). Interestingly, WT RhoE 

overexpressing cells also showed significantly enhanced Collagen XII alignment 

following PLOD siRNA treatment compared to siControl cells (Figure 5.10B). These data 

suggest that PLOD2 can contribute to the organisation of Collagen XII within complex 

ECMs.   

 

5.2.11 PLOD2 knockdown rescues Fibronectin alignment in 

T231M RhoE overexpressed cells 
 

To investigate the Fibronectin alignment, parental HDF, GFP, GFP-RhoE-WT or GFP-

RhoE-T231M and RhoE CRISPR cells transfected with control siRNA or siRNA 

targeting PLOD2 were plated in pre-coated for CDM production 24-well plates and 

treated with ascorbic acid every other day for 12 days. CDMs were then fixed and stained 

with antibody targeting Fibronectin. Images were acquired using confocal microscopy 

(Figure 5.11A). Quantification of Fibronectin alignment demonstrated the significant 

reduction of fibre alignment in generated CDMs in overexpressed T231M RhoE 

compared to overexpressed WT RhoE cells and this can be rescued by the depletion of 

PLOD2 (Figure 5.11B). These data combined suggest that RhoE T231M mutation or 

knocking out RhoE reduces alignment, and this is dependent on PLOD2.  

  



 139 

 
 

Figure 5.10: siPLOD2 leads to increase of Collagen XII alignment in RhoE 

overexpressed and RhoE CRISPR. 

(A) Parental human dermal fibroblasts and those expressing GFP, GFP-RhoE-WT or 

GFP-RhoE-T231M or CRISPR RhoE fibroblasts were transfected with a pool of siRNA 

recognising PLOD2 mRNA or control siRNA grown for 12 days on coverslips to CDM. 

Cells were extracted and CDM were stained for Collagen XII. Scale bars – 50m. (B) 

Comparing coherency analysis of fibre orientation distributions of Collagen XII (max 

alignment = 1). Box and whisker plots show mean and min/max values. Statistical 

analysis performed by t-test. n=10 fields. N=4 independent experiments. A representative 

quantification from one experiment is shown. *=p<0.05, **=p<0.01, ****=p<0.0001. 
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Figure 5.11: PLOD2 knockdown rescues Fibronectin alignment in T231M RhoE 

overexpressed cells. 

(A) Parental human dermal fibroblasts and those expressing GFP, GFP-RhoE-WT or 

GFP-RhoE-T231M or CRISPR RhoE fibroblasts were transfected with a pool of siRNA 

recognising PLOD2 mRNA or control siRNA grown for 12 days on coverslips to produce 

CDM. Cells were extracted and CDM were stained for Fibronectin. Scale bars – 50µm. 

(B) Comparing coherency analysis of fibre orientation of Fibronectin (max aligned = 1). 

Box and whisker plots show mean and min/max values. Statistical analysis performed by 

t-test. n=10 fields. N=4 independent experiments. A representative quantification from 

one experiment is shown. *=p<0.05, **=p<0.01 . 
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5.2.12 PLOD2 knockdown reduces Collagen XII expression 
 

To determine whether acute depletion of PLOD2 also altered ECM protein expression, 

parental HDF were transfected with control siRNA or siRNA targeting PLOD2 and 

analysed by western blotting. The resulting blots demonstrated efficient knockdown of 

PLOD2 at 48 hours post-transfection (Figure 5.12C). Blots were then probed with 

antibodies targeting Collagen I, Collagen VI, Collagen XII and Fibronectin (Figure 

5.12A, C, E, G). Resulting data revealed the significant reduction in Collagen XII 

expression in cells treated with PLOD2 siRNA compared to siControl treated cells, but 

no significant difference in the levels of Collagen I, Collagen VI or Fibronectin (Figure 

5.12F).  

 

5.2.13 PLOD2 levels are increased in the dermis of DF skin 

Enhanced PLOD2 expression has previously been associated with other diseases where 

fibrosis is a contributing factor [11–13], but has not previously been studied in 

dermatofibroma. Given that data in this chapter strongly implies a role for PLOD2 in 

regulating pro-fibrotic ECM organisation, PLOD2 levels were analysed in skin sections 

from DF patients. Normal skin samples and those from DF patients were therefore, 

stained with an antibody to PLOD2 (DAB; brown) and Hematoxylin (nuclei; blue) (Figure 

5.13A). Sections were imaged using a slide scanner and analysed using QuPath software. 

Data demonstrated that PLOD2 expression was significantly higher in the dermis when 

normalised to tissue area in dermatofibromas compared to normal skin (Figure 5.13C).  
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Figure 5.12: siPLOD2 reduces Collagen XII expression. 

(A), (C), (E), (G) Lysates of human dermal fibroblasts transfected with a pool of siRNA 

recognising PLOD2 mRNA or control siRNA were subjected to western blot 48 hours 

after transfection and probed for Collagen I and PLOD2 (A), VI (C), XII (E) and 

Fibronectin (G). The positions of molecular mass markers (kDa) are indicated to the left. 

(B), (D), (F), (H) Effect of PLOD2 knockdown on the relative expression levels of 

Collagen XII (E) Collagen I (A), VI (C) and Fibronectin (G). Data shown as mean +/-

SEM. N=3 independent experiments. Statistical analysis performed by t-test. *=p<0.05. 
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Figure 5.13: PLOD2 levels are increased in the dermis of DF skin. 

(A) Representative DAB IHC-stained sections of control skin and dermatofibroma 

showing epidermal and dermal staining of PLOD2 (brown). Nuclei were counter-stained 

with Hematoxylin (blue). Scale bars – 100 µm. (B) Quantitative analysis of dermal or 

epidermal PLOD2 intensity levels normalised to area. Box and whisker plots show 

min/max data points, lines denote mean values. Data is shown as mean +/-SEM. 

Statistical analysis performed by t-test. *=p<0.05, **=p<0.01. N=10 samples for each 

condition. 
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5.3 Discussion 
 

We have identified new binding partners for RhoE: Filamin A, Lamin A/C and PLOD2 

(Figure 5.2). These have not been previously reported but are potentially interesting. We 

explored PLOD2 association in this chapter in more detail, but the other binding partners 

may also be of interest for future follow-up experiments. Filamin A regulates F-actin 

cross-linking and integrin inactivation and could therefore potentially be an important 

complex involved in ECM remodelling via cell adhesion, migration or cell -cell contact 

guidance [253]. Further experiments to investigate the nature of the RhoE-FilaminA 

complex could include analysis of potential binding regions on Filamin A, and 

knockdown of FLNA levels to analyse subsequent integrin activation and ECM 

organisation. It would also be interesting to study directionality of migration on 

differently aligned CDMs to determine whether this is dependent on Filamin A. 

 

Lamin A/C is also an interesting protein worthy of further investigating and was a 

surprising finding given that RhoE has not been reported at the nuclear envelope. Some 

previous studies have reported that RhoE may localise to the nucleus, but the potential 

function of nuclear RhoE remains unknown [2, 14–16]. Potential nuclear localisation 

sequences have been identified in a number of Rho GTPase family members within the 

C-terminal polybasic region [169]. Rac1 harbours functional nuclear localisation signals 

(K-K-R-K and K-R-K-R) that promote its nuclear translocation and regulate Rac-

dependent signalling [170]. Whether other Rho GTPases also shuttle in and out of the 

nucleus in a manner similar to Rac1 remains to be investigated.  

 

We focused on the PLOD2-RhoE complex as potentially relevant to fibrosis and as we 

also observed a significant reduction in complex formation with T231M RhoE vs WT 

(Figure 5.2B). Notably however, it is not yet clear if this complex is direct or indirect. 

This could be studied in future experiments, for example using GST pull-down assays 

with purified RhoE and PLOD2 in vitro, or by fluorescence resonance energy transfer 

(FRET) to analyse fluorescently labelled protein binding in intact cells. As PLOD2 

binding and colocalisation with RhoE were reduced in the RhoE mutant cells, if direct, 

binding or association may occur within the T231 region. T231 is not a known 

phosphorylation site of RhoE; however RhoE interacts with Skp2 and is ubiquitylated in 

its C-terminal region from residues 234 to 240 [166]. RhoE also binds to 14-3-3 proteins 
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via a C-terminal site, and it is possible this lies within the PLOD2 binding region [186]. 

Further reduced PLOD2 binding seen with phospho-dead AAARhoE cells (Figure 5.3) 

suggests that PLOD2 has multiple binding within RhoE probably within C-terminus and 

that this may be dependent on RhoE phosphorylation.  

 

Data in this chapter demonstrated that PLOD2 colocalises with RhoE predominantly in 

the ER or perinuclear region (Figure 5.4). PLOD2 function is also increased in RhoE 

T231M mutant and CRISPR cells. This suggests that RhoE T231M appears to be a loss -

of-function mutation not only in the context of RhoE-dependent adhesion/ECM alignment 

but also in terms of RhoE regulation of PLOD2. This raises the possibility that RhoE is 

required to retain PLOD2 in ER and thus restrict the activity of this enzyme to specific 

substrates. It is also possible that PLOD2 and RhoE associate in lysosomal compartments. 

For example, RhoE interacts with lysosomal membrane protein LAMP2A and the 

chaperone-mediated autophagy component HSPA8 and can be degraded by 

lysosomes [211]. RhoE is also involved in Ca2+ metabolism in the heart in vivo by 

regulating β2-adrenergic receptor (β2AR) lysosomal targeting and ubiquitination and this 

leads to the activation of protein kinase A (PKA) signalling [174]. PLOD2, has not been 

shown to directly associate to lysosomes but PLOD3 null mice embryos revealed dilation 

of the ER, enlarged Golgi complexes and lysosomes [258]. Future experiments analysing 

RhoE and PLOD2 localisation to lysosomes, and the potential impact of the RhoE T231M 

mutation on this would be interesting to explore.  

 

There are a number of factors that have previously been proposed to regulate PLOD2 

localisation and function. HIF-1α, SMAD3 and signal transducer and activator of 

transcription 3 (STAT3) can all directly activate the promoter region of PLOD2 and thus 

induce transcription [259]. Of these, HIF-1α and TGF-𝛽 can also promote PLOD2-

dependent effects on focal adhesions [260], and given TGF-𝛽 is a known upstream 

regulator of fibrosis, this may provide a mechanism to promote a feedback loop to induce 

PLOD2 expression and ECM dysregulation. IL‐6 is also known to increase 

STAT3‐mediated PLOD2 hydroxylation and stabilise 𝛽1 integrin levels at the plasma 

membrane to promote metastasis in oral squamous cell carcinoma cells [5, 26]. The data 

in this chapter demonstrated that the reduced 𝛽1 integrin activation observed in RhoE 

CRISPR and T231M RhoE expressing cells can be rescued upon PLOD2 depletion 
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(Figure 5.5). 𝛽1 integrin levels are also increased in CRISPR cells, possibly due to 

enhanced stability promoted by PLOD2, as previously shown by others. The enhanced 

integrin activation in RhoE mutant or depleted cells is likely due to both higher levels of 

integrins and also reduced PLOD2-RhoE binding. The evidence strongly suggests that 

reduced PLOD2-RhoE binding may increase PLOD2 activity, leading to increased 

integrin activity and control of protein stability. Moreover, the higher expression levels 

of PLOD2 (Figure 5.13) but reduced RhoE levels (Figure 4.12) seen in the dermis of 

dermatofibroma tissues may further suggest that PLOD2 is dysregulated in this fibrotic 

disease, and that this may be dependent on RhoE expression or localisation. It would be 

interesting to analyse RhoE and PLOD2 colocalisation in normal and DF skin in future 

using higher resolution fluorescence microscopy. Additionally, the roles for these proteins 

in more complex 3D skin equivalent models would be important to dissect individual and 

shared functions for both RhoE and PLOD2 in more physiologically relevant settings.  

 

Data shown here also demonstrate that PLOD2 is required for more disorganised ECM 

seen when RhoE is removed or mutated, but that PLOD2 knockdown in parental cells has 

no significant effect on alignment of CDM (Figure 5.8). This might further support the 

notion that PLOD2 has higher activity in T231M RhoE/CRISPR cells and that this can be 

neutralised upon PLOD2 knockdown. Indeed, PLOD2 is known to promote fibrosis, and 

can contribute to fibrotic disorders such as Ehlers-Danlos syndrome and Bruck syndrome 

[4, 24–26]. HIF-1-dependent induction of PLOD2 together with two collagen synthesis 

enzymes P4HA1, P4HA2, has been shown to stimulate ECM alignment and stiffness in 

cancer cells [265] and tissues [266]. However, the opposite result was shown in cancer-

associated adipocytes, where plasminogen activator inhibitor-1 (PAI-1) induces the 

activation of PLOD2, and, thus, increased collagen alignment [267] suggesting potential 

cell-type dependent effects. PLOD2 and Collagen VI co-overexpression was suggested to 

control bone ECM and to promote metastatic lesions in vivo [268]. Moreover, adenoviral-

mediated overexpression of PLOD2 resulted in an increase of Collagen I mRNA and 

protein, as well as ECM cross-linking in human dermal fibroblasts [269]. However, the 

role of PLOD2 in controlling Collagen XII has not been previously explored. It is possible 

that PLOD2 primarily organises Collagen I or VI and this results in altered Collagen XII 

and Fibronectin organisation. Interestingly, our analysis of the Collagen XII amino acid 

sequence of Collagen XII has revealed 12 different Xaa-Lys-Gly consensus sequences 

sites for PLOD2 hydroxylysine modification. Whilst formal confirmation of these PLOD2 
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substrate sites remained to be completed, this does raise the possibility tha t Collagen XII 

can be modified by PLOD2 and therefore may play a direct role in modulating the 

function of this ECM protein. 

 

RhoE knockdown increases Collagen XII protein expression levels (Figure 4.2E), and 

depletion of PLOD2 reduces this (Figure 5.12F), suggesting further feedback loops may 

be in place to control synthesis of this specific ECM protein. It is also possible that the 

CDM model used in this thesis was not conducted over sufficiently long time frames to 

observe any potential changes in other ECM protein expression. Future experiments could 

extend the CDM culture period to 21 or 28 days to determine whether changes might 

occur on longer time frames to Collagen I, VI of FN expression levels. It would also be 

interesting to generate CDM in COL12A knockdown parental HDFs and RhoE CRISPR 

cells to determine whether this alters CDM organisation or synthesis of other ECM 

proteins.  

 

In summary, data presented in this chapter has revealed that PLOD2, Filamin A and 

Lamin A/C are new binding partners of RhoE. Reduced PLOD2-RhoE binding may 

increase PLOD2 activity, leading to increased integrin activity and reduced integrin 

stability and reduced ECM alignment. RhoE and PLOD2 levels are also dysregulated in 

DF tissues, suggesting these proteins may act in concert to contribute to the 

pathophysiology of this disease. 
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6 Discussion and conclusions 
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6.1 Discussion 
 

6.1.1 Summary of findings 
 

This thesis aimed to investigate the contribution of RhoE to dermal fibroblast control of 

ECM synthesis and homeostasis. This was inspired by the identification of a novel 

mutation (T231M) in RhoE in a pedigree of patients with sporadic dermatofibroma. RhoE 

has not previously been investigated as a contributor to fibrosis in any organ and the T231 

site in RhoE has also not been previously studied as a potential contributor to the function 

of this molecule. The overall data presented here shows that RhoE expression is required 

to limit the activation of PLOD2, resulting in controlled ECM alignment and Collagen 

XII deposition.  

 

The findings from this thesis have allowed the development of a working model for the 

involvement of RhoE in dermal homeostasis (Figure 6.1).  

 

 

Figure 6.1: Proposed model of RhoE-dependent control of ECM homeostasis.  

 

We propose in this model that under homeostatic conditions in the dermis, the presence 

of a RhoE-PLOD2 complex suppresses PLOD2 activity and phosphorylation of RhoE by 

ROCK or  TAOK reduces this complex formation to provide constant turnover and 

sensing in this system. Active PLOD2 subsequently promotes integrin activity and cell-

ECM adhesion and also leads to ECM alignment via cell-ECM coupling and traction 

forces. ECM levels and mechanics then feedback via integrins to drive RhoE-PLOD2 
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complex formation and reduce PLOD2 activity. However, in dermatofibroma, the absence 

of RhoE, or expression of T231M RhoE, that phenocopies the loss of RhoE function, 

results in a phenotype characterised by increased activation of PLOD2 that then enhances 

integrin activity and reduces ECM protein alignment. We propose that a feedback loop 

from ECM to PLOD2 inactivation, specifically from increased Collagen XII expression 

levels and less organised ECM, is blocked by lower or mutated RhoE resulting in 

perpetuation of this pro-fibrotic cycle. These findings provide new insights into the 

molecular mechanism implicated in pro-fibrotic phenotypes development and may 

identify novel therapeutic targets in dermatofibromas.  

 

6.1.2 Context and potential mechanisms 
 

PLOD2 is a known biomarker for assessing fibrotic disease progression [115]. PLOD2 

expression is increased in synovial tissue fibrosis [270]. PRG4 is an endogenous 

antifibrotic modulator in the joint that can reduce TGF-β/SMAD pathway activation and 

PLOD2 expression, partially mediated by CD44 [270]. Moreover, PLOD2 is a key 

mediator of Dupuytren's disease and Peyronie's disease, both of which are fibrotic 

disorders [120]. Interestingly, expression of PLOD2 has been shown to be inhibited by 

treatment of cells with verteporfin that de-activates transcription via the Yes Activated 

Protein (YAP) pathway. YAP is a key mechano-sensor and mechano-transducer that 

responds to the physical microenvironment of the extracellular matrix, cell shape, cell 

density, cell polarity, and rearrangement of actin cytoskeleton. Verteporfin can inhibit 

the expression of genes related to fibrosis downstream of YAP in YAP cascade such as 

COL1A1, COL5A1, EDA-FN, which can prevent increased ECM synthesis as well as 

LOXL2 and PLOD2 enzymes genes, that reduce the ECM stiffness and degradation by 

matrix metalloproteinases [120]. PLOD2 is also widely thought to be a prognostic factor 

in several cancers, such as laryngeal squamous cell carcinoma, non-small-cell lung cancer 

and biliary tract cancer [8–10]. Increased expression of PLOD2, induced by a cell 

adhesion molecule L1 (L1CAM), contributes to tumour growth, resistance to cell 

necrosis, and development of colorectal cancer via ezrin signalling and the SMAD2/3 

pathway [11, 12]. Whilst all of this evidence points towards a role for PLOD2 in disease 

progression, correlations between either RhoE or Collagen XII expression and PLOD2 

have not been previously analysed in fibrotic diseases. It would be interesting to use any 

publicly available genome wide expression study (GWAS) databases from fibrotic 
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diseases to understand whether any correlation exists between higher PLOD2 and 

Collagen XII and lower RND3 expression that might point towards a more general role 

for this signalling axis in fibrotic disease. 

RND3 (the gene encoding RhoE) has been suggested to promote tumourigenesis in 

several types of cancer, such as glioblastoma, adenocarcinoma and prostate cancer [1–3], 

however this has not been previously explored as a pro-fibrotic target. RhoE has mainly 

been proposed to be involved in migration and proliferation via the RhoA/ROCK 

pathway. For example, the RhoE/ROCK/ARHGAP25 signalling pathway is known to 

promote alveolar rhabdomyosarcoma invasion. RhoE has also been proposed as a 

therapeutic target for NGF-induced neurite outgrowth via the RhoA/ROCK/ppMLC 

pathway [278]. The transcription factor FOXD3 promotes RhoE expression and this again 

leads to RhoA-ROCK1 signalling pathway and inhibits apoptosis via ERK1/2 signalling. 

Thus it results in pathogenesis of recurrent miscarriage where ECM turnover is known to 

play a role [279]. However, the data presented in this thesis suggest that the RhoA-

ROCK1 signalling pathway may not be involved in the RhoE-dependent changes in ECM 

organisation. RhoE expression limits the activation of PLOD2 and this results in integrins 

activation and controlled ECM alignment and Collagen XII deposition. However, the 

RhoA activity is not changed in the T231M RhoE mutant cells indicating this canonical 

pathway may not be involved in this pathway. Instead our data would indicate that 

targeting the RhoE-PLOD2 complex may provide a better route to more directly target 

pro-fibrotic phenotypes and avoid other off-target effects. 

 

It is plausible that enhanced integrin activity and ECM alignment may both act in concert 

as part of a feedback loop in response to a changing extracellular environment, to control 

ECM synthesis and progression of fibrosis. In support of this, loss of collagen receptors 

DDR1 and integrin α2β1 results in maturation delay of the glomerular basement 

membrane resulting in proteinuria and kidney fibrosis in mice [280]. This indicates that 

there is a direct feedback from adhesion receptors to ECM production. In patients with 

alcoholic liver disease, β1 integrin levels are significantly higher compared to healthy 

controls [281] again suggesting this may play a role in driving a pro-fibrotic environment. 

Similarly, patients with chronic hepatitis C show enhanced β1, α1, α5 and α6 integrin 

expression and this is associated with progression of fibrosis [282]. This might support a 

model where total levels of 1 integrins are enhanced in fibrotic disease. However, data 
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shown in this thesis demonstrate that 1 integrin levels are enhanced in RhoE CRISPR 

cells, but not T231M RhoE expressing cells, suggesting integrin activation, rather than 

expression, may play a key role in fibrosis.  

 

Integrins can be activated via bi-directional mechanisms [283]. Inside-out signals from 

the cell can be received through binding of proteins such as talin and kindlin associating 

with the cytoplasmic region of the β integrin subunit to drive a conformational change in 

the integrin leading to enhanced activation and promotion of adhesion and migration [21, 

22]. Outside-in signals are driven by direct binding to the ECM and are suggested to be 

additionally activated by the mechanical forces that extend the integrin to an active 

conformation state. These forces can be caused by ECM ligands or integrin counter 

receptors and they weaken protein-protein interactions and effects on intramolecular 

tension across talin and between vinculin and F-actin [136]. These mechanical forces may 

therefore play a role in driving increased activation of talin and vinculin and promoting 

adhesion strengthening and integrin activity in T231M RhoE and RhoE CRISPR cells. 

Moreover, adhesion strengthening occurs at later stages post-adhesion and is associated 

with cell stiffening leading to activation of signalling between integrins and activation of 

GTPases to control cell shape [21, 24]. α5β1 and α4β1 integrins and αLβ2 integrin in 

migrating T-cells have been widely shown to be force-responsive receptors [25, 26]. α5β1 

integrin binds to Fibronectin on the RGD motif, and Collagen XII also contains RGD 

sites [288]. α5β1 integrins may therefore be involved in a positive feedback loop that 

transduces signals from Collagen XII and mechanical stiffness of the environment to 

promote further feedback to drive ECM synthesis and organisational changes.  

 

Both Collagen VI and XII have been previously proposed to play key roles in ECM 

alignment and organisation. Transgenic mice expressing the truncated alpha1(XII) 

collagen minigene show a disorganised ECM structure in the papillary dermis compared 

to controls. [289]. More recently it has been shown that CDMs grown using HDFs lacking 

Collagen VI result in thicker and less aligned ECM fibres [290]. Collagen VI and XII are 

likely to participate in cell-matrix signalling turnover via integrins. The only integrin that 

has been formally shown to interact with Collagen XII thus far is α1β1, which is expressed 

in HDF [50]. Collagen XII is also known to activate the MAPK pathway and to promote 

migration, possibly by driving further collagen interactions with β1 integrins [291]. 
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Moreover, Collagen XII- dependent changes in the structure of the peri-cellular matrix 

are known to regulate osteoblast and osteocyte differentiation via α1β1 integrin in humans 

and mice [233]. It is plausible that organisation and structure of Collagen XII and 

resulting change in mechanical properties of the matrix initiate feedback via integrins to 

regulate the RhoE-PLOD2 complex and thus PLOD2 activity. Hence, extracellular 

mechanical forces may play a key role in determining how dermal fibroblasts contribute 

to matrix composition and remodelling in skin homeostasis and fibrosis. It would be 

interesting to study this in future experiments through analysis of local changes to 

mechanical properties within CDM produced by RhoE mutant/knockdown, PLOD2 or 

Collagen XII depleted cells using Atomic Force Microscopy (AFM) for example. 

Additionally, analysis of the traction forces produced by these cells on the matrix itself 

using traction force microscopy and particle imaging velocimetry (PIV), in conjunction 

with live imaging of the ECM structure itself would also provide useful means to 

understand the interplay between RhoE, PLOD2 and cell-ECM mechano-feedback.  

 

This thesis has investigated the role of RhoE (RND3) in fibrotic phenotypes. However, 

Rnd1 and Rnd 2 are related GTPase family members and highly similar in their structural 

features and the constitutive association with GTP [154]. Rnd1 is expressed in liver and 

brain tissues, Rnd2 is in testis and in the brain, while RhoE is present in all tissues [156] 

which may suggest cell and organ specific roles for these related family members. Indeed, 

expression of Rnd1 or RhoE in fibroblasts inhibits the formation of actin stress fibres and 

integrin-based adhesions; in contrast, expression of Rnd2 in fibroblasts does not change 

cytoskeletal rearrangement [157]. 

 

Alignment of amino acid sequences across Rnd family proteins demonstrates that the 

RhoE T231 site is absent in Rnd2, whilst S219 (or T220) are nucleophilic residues in 

Rnd1. Rnd1 plays an active role in Plexin-Semaphorin signalling. Plexins are 

transmembrane receptors that mediate semaphorins cues that control multiple aspects of 

cell-cell communication, actin cytoskeleton and extracellular matrix adhesion. RhoE has 

also been shown to interact with Plexin type B [157]. The Plexin B2 receptor is known to 

compete with p190RhoGAP for binding with RhoE and therefore maintain RhoA activity 

at a low level to support cell migration regulation in response to extracellular signal-

regulated pathways [157]. Rnd1 and Plexin-B1, -B2 or -B3 induce cell contraction B-type 

plexins transmit upon Sema4A binding through Rnd1 [158]. Interestingly, Sema7A is 
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involved in fibrosis; Sema7A, Plexin C1, and α1β1 integrins are activated by TGF-β1 and 

mediated by the PI3K/AKT pathway lead to fibrosis and tissue remodelling [159]. As 

α1β1 integrin is a Collagen XII receptor, the feedback loop we propose from Collagen 

XII to the cell plausibly goes via plexin-semaphorin signalling. As the T231 site appears 

to be conserved in Rnd1, Rnd1 may also associate with PLOD2, or another PLOD family 

member in fibroblasts. It would be interesting to investigate plexin-semaphorin signalling 

in future as a potential pathway upstream of RhoE-PLOD2 signalling leading to fibrosis. 

 

6.1.3 Clinical relevance and importance 
 

Fibrosis remains a major unmet medical need and whilst extensive work has been carried 

out to investigate broad pro-fibrotic mechanisms, there are no treatment options for this 

broad class of diseases. Identifying tractable targets in human fibrosis is a major 

challenge as the underlying cause in most cases is not known. Fibrosis, as well as 

dermatofibroma, could potentially be modulated either by negatively affecting disease 

progression or by positively promoting resolution. The main fibrosis signalling pathways 

that have been reported act through TGF-β, PDGF, canonical and non-canonical Wnt and 

hedgehog signalling. TGF-β can act through SMAD complexes and other signalling 

pathways, such as MAPK, ROCK and AKT signalling pathways, that are involved in 

fibrosis [27–29]. PDGF receptor activates MAPK, PI3K and other kinases, and 

importantly also controls activation of Rho family GTPases. PDGF is known to induce 

fibrosis by mitogenesis and chemotaxis and by regulation of  TGF-β. 

 

The signalling pathways discussed above do not operate independently but instead, 

considerable exhibit crosstalk meaning disruption of one pathway can lead to a range of 

signalling defects contributing to aberrant tissue repair and fibrosis [27, 28]. The changes 

in organisation in fibrotic tissues such as stiffness and alignment generate a feed-forward 

loop that can control gene expression programs during tissue-repair responses in fibrotic 

diseases [294]. It would be interesting in future to investigate how these key known 

pathways might be altered by, or indeed contribute to, defective levels or activation of 

RhoE and PLOD2, leading to exacerbation of fibrogenesis. This could be achieved 

through use of inhibitors of TGF- or PDGF signalling to determine consequences on the 

RhoE-PLOD2 complex formation, or analysis of MAPK, SMAD and PI3K pathway 

activation upon expression of T231M RhoE or knockdown of RhoE. Such experiments 
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might help to better define the role of RhoE and associated binding partners in the broader 

context of fibrotic disease. 

 

6.1.4 Potential for therapeutic intervention 
 

There are two main options in treatment that are potentially applicable in dermatofibroma 

or other fibrotic skin disease treatment. One is to target signalling pathways that are 

defective to induce specific elimination of pro-fibrogenic cells. The other possibility is 

to transiently increase ECM degradation by mechanical or signalling intervention. 

Reducing the levels of ECM cross-linking in skin fibrosis may have the potential to 

circumvent this fibrotic feedback loop and enable the formation of a non-fibrotic matrix 

to re-establish homeostasis.  

 

Dermatofibroma is a benign fibrotic tumour that can be removed only through surgical 

resection and often recurs if the resection is incomplete. Clinically, hypertrophic scars 

tend to develop after extirpation of dermatofibroma. Dermatofibromas may develop 

through similar mechanisms to other fibroproliferative disorders of the skin, including 

hypertrophic scars and keloids. Keloids have more fragile fibrillar collagen as well as 

more aligned collagen and fibroblastic fibres organisation that is usually in parallel to 

skin surface. The low cellularity of keloids distinguishes them from dermatofibromas and 

dermatofibrosarcoma protuberans. Recently, a successful strategy was tested on different 

ethnic groups  for the prevention and treatment of keloids and the hypertrophic scar that 

was. The first step of the treatment is using steroid plasters, either strong deprodone-

propionate or fludroxycortide, or injections in more serious cases [297]. The synthetic 

glucocorticoid dexamethasone (Dex) promotes the formation of tight junctions. 

Interestingly, RhoA was shown to disrupt the Dex-induced tight junction effects, while 

the expression of exogenous RhoE stimulates tight junction sealing and re-localisation of 

β-catenin and ZO-1 to the cell periphery in the absence of glucocorticoids [298]. 

Moreover, Dex treatment inhibits the activity of RhoA downstream effectors ROCK1 and 

ROCK2. This suggests that whilst the clinical features of keloid scars may differ to 

dermatofibromas, RhoE may play a role in both fibrotic disorders through co -ordination 

of cell interactions. It would be interesting to study the potential role of steroid treatment 

in control of RhoE function or expression in dermal and epidermal compartments in 

future. 
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Nintedanib is one of the few medications currently in use for the treatment of different 

types of fibrosis such as idiopathic pulmonary fibrosis and scleroderma [299]. Nintedanib 

is an intracellular inhibitor of tyrosine kinases. It works by blocking the action of enzymes 

involved in causing fibrosis, such as PDGF as well as that of fibroblast growth factor 

(FGF) and vascular endothelial growth factor (VEGF) which increase fibroblast 

proliferation, migration, and transformation [299]. However, imatinib, that also inhibits 

PDGF receptor tyrosine kinases, did not show any effect on patients with idiopathic 

pulmonary fibrosis [300]. This suggests that nintedanib action may occur through non-

PDGF routes and may impact on downstream signals involved in control of RhoE or 

PLOD2. These could be interesting possibilities to explore in future studies.  

 

6.2 Future directions  
 

Filamin A is an F-actin-binding protein, that cross-links actin filaments in 

mechanosensing response and is known to compete with talin for binding to integrin 

cytoplasmic tails and suppress their activation, and to be a substrate for kindlin to link to 

actin [42, 43]. It is interesting to investigate further whether the RhoE-FilaminA complex 

is involved in ECM remodelling via cell adhesion, migration or cell-cell contact guidance 

[253]. Future experiments aiming to investigate the nature of the RhoE-FilaminA complex 

could include analysis of potential binding regions on Filamin A, and knockdown of 

FLNA levels to analyse subsequent integrin activation and ECM organisation. It would 

also be interesting to study directionality of migration on differently aligned CDMs to 

determine whether this is dependent on Filamin A.  

 

Lamin A/C was also identified as a new RhoE binding partner. Lamin A/C localises at 

nuclear envelope. Mutations in LMNA, gene coding both Lamin A and Lamin C, are 

known to cause muscular dystrophies and cardiomyopathies [43, 44]. Lamin A/C is 

involved in disassembly of the nuclear envelope during mitosis and programmed cell 

death. It would be interesting to investigate the role of the RhoE-Lamin A/C complex and 

localisation of RhoE in the nucleus. Experiments analysing the RhoE-Lamin A/C 

colocalisation and further knockdown of LMNA would help to understand whether Lamin 

A/C changes the subcellular distribution of RhoE, promote its nuclear translocation and 
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regulate RhoE-dependent signalling. And also whether the changes depend on the cell 

cycle as RhoE is involved in G1 arrest as well as spindle position in mitosis.  

 

Future experiments to further investigate the RhoE-PLOD2 complex should be aimed at 

defining whether the interaction between RhoE and PLOD2 is  direct or indirect. This 

could be analysed using GST pull-down assays with purified RhoE and PLOD2 in vitro, 

or by fluorescence resonance energy transfer (FRET) to analyse fluorescently tagged 

protein binding in intact cells. The latter would also provide better understanding of 

where these proteins form complexes in cells. If performed using live imaging, FRET 

experiments may also reveal the nature of the interaction in cells treated with various 

inhibitors with potential upstream regulatory pathways. If the interaction was proved to 

be direct, this might provide means to target formation of this complex, more specifically 

through mutagenesis to investigate consequences in terms of pro-fibrotic phenotypes. It 

would be also interesting to investigate whether other Rnd proteins bind to PLOD2 using 

immunoprecipitation analysis. As was mentioned in the previous chapter, RhoE and 

PLOD2 may localise to lysosomes. The localisation to lysosomes and the potential impact 

of the RhoE T231M mutation on this could be explored by fluorescence microscopy using 

a lysosomal marker (e.g.: LysoTracker) to track lysosomes and potentially proteins linked 

to them. Additionally, it would be important to dissect the roles of these proteins in more 

complex 3D skin equivalent models (such as organotypics) to determine individual and 

shared functions for both RhoE and PLOD2 in more physiologically relevant settings. It 

would be interesting to use any publicly available genome wide expression study 

databases (GEO or GWAS) from fibrotic diseases to understand whether any correlation 

exists between higher PLOD2 and Collagen XII and lower RND3 expression and this 

might indicate a more general role for this signalling axis in fibrotic disease.  

 

Given the considerable crosstalk between the key known signalling pathways of fibrosis, 

TGF-β, PDGF, canonical and non-canonical Wnt and hedgehog signalling, it would be 

interesting to explore how these pathways might be altered by, or contribute to, defective 

levels or activation of RhoE and PLOD2, leading to exacerbation of fibrogenesis. TGF-β 

or PDGF inhibitors could be used to investigate the role of these receptors in the RhoE-

PLOD2 complex formation. Analysis of MAPK, SMAD and PI3K pathway activation, 

upon expression of T231M RhoE or knockdown of RhoE, would also be important 

avenues to understand other pathways that may be disrupted by aberrant RhoE expression.  
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Only Collagen XII expression levels were significantly increased in CRISPR RhoE cells 

and depletion of PLOD2 led to a reduction in this RhoE-dependent Collagen XII 

expression. It is possible that the CDM culture time frames used in this thesis were not 

sufficiently long enough to observe any potential changes in other ECM protein 

expression. It would be interesting to investigate the role of Collagen XII in the 

production of CDM and the possible feedback loop that may be in place to control 

synthesis of this specific ECM protein. Increased CDM culture periods of up to 21 or 28 

days could be used to determine whether changes might occur on longer time frames to 

Collagen I, VI of FN expression levels. It would also be interesting to generate CDM in 

COL12A knockdown parental HDF and RhoE CRISPR cells to determine whether this 

altered CDM organisation of synthesis of other ECM proteins.  

 

In this thesis, the synthesis and organisation of what were tested but it would be also 

interesting to further investigate the changes to the mechanical properties of CDM 

generated by RhoE mutant/knockdown cells, and, moreover, by PLOD2 or Collagen XII 

depleted cells. For example, AFM could be used to explore stiffness on the extracted 

CDM. Using traction force microscopy on cells on CDM and PIV, in conjunction with 

live imaging of the ECM structure itself, could help to investigate the interplay between 

RhoE, PLOD2 and cell-ECM mechano-feedback. 
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